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Lipid-based nanoparticles have emerged as a clinically viable platform 
technology to deliver nucleic acids for a wide range of healthcare applica-
tions. Within this scope, one of the most exciting areas of recent progress 
and future innovation potential lies in the material science of lipid-based 
nanoparticles, both to refine existing nanoparticle strategies and to develop 
new ones. Herein, the latest efforts to develop next-generation lipid-based 
nanoparticles are covered by taking a nanoarchitectonics perspective and the 
design, nucleic acid encapsulation methods, scalable production, and applica-
tion prospects are critically analyzed for three classes of lipid-based nanopar-
ticles: 1) traditional lipid nanoparticles (LNPs); 2) lipoplexes; and 3) bicelles. 
Particular focus is placed on rationalizing how molecular self-assembly prin-
ciples enable advanced functionalities along with comparing and contrasting 
the different nanoarchitectures. The current development status of each class 
of lipid-based nanoparticle is also evaluated and possible future directions in 
terms of overcoming clinical translation challenges and realizing new applica-
tion opportunities are suggested.
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possibilities have enabled rapid develop-
ment and deployment of mRNA vaccines 
for coronavirus disease-2019 (COVID-19) 
prevention, for example.[9] Ongoing 
advances in the field related to issues like 
nucleic acid engineering, nanoparticle sta-
bility improvement, and immune safety 
considerations along with application 
trends have been extensively covered in 
the past two years.[10] However, the archi-
tectural design principles of lipid-based 
nanoparticles have been relatively less 
covered, especially from a material science 
perspective that takes into account the 
latest concepts and trends.

One emerging concept to rationally con-
trol the structure and function of nanoscale 
objects is called nanoarchitectonics and has 
been used to design advanced nanomate-
rials for biomedical, energy, and environ-
mental applications.[11] Nanoarchitectonics 

refers to the fusion of nanotechnology with organic chemistry, 
supramolecular chemistry, and biology and involves combining 
molecular-level manipulation with self-assembly and nanofabri-
cation.[12] It is thus ideally suited to serve as a conceptual frame-
work to evaluate design trends and to suggest future directions 
for the development of lipid-based nanoparticles for nucleic acid 
delivery applications, especially as the field grows to include not 
only traditional lipid nanoparticles (LNPs) but also lipoplexes and 
bicelles among various possibilities (Scheme  1). The molecular 
design and self-assembly properties of natural and synthetic 
lipids underlies the core nanoparticle technology and under-
standing how to modulate the coassembly of lipids by themselves 
and in combination with nucleic acids can lead to new types of 
lipid nanoarchitectures and support future innovation.

In this review, we cover the latest efforts to develop next-
generation lipid-based nanoparticles for nucleic acid delivery 
applications by taking a nanoarchitectonics perspective and criti-
cally analyze the design, production, and application prospects for 
three classes of lipid-based nanoparticles as follows: 1) traditional 
LNPs; 2) lipoplexes; and 3) bicelles. The nucleic acid encapsula-
tion strategies for each nanoparticle type are introduced and help 
to rationalize how different lipid nanoarchitectures can be useful 
depending on the delivery objective and application scope. While 
the main focus is on distilling molecular self-assembly principles 
to build advanced lipid-based nanoparticle systems, we also dis-
cuss pertinent issues related to overcoming clinical translation 
challenges and enabling scaled-up manufacture that can help to 
realize new application opportunities.

The ORCID identification number(s) for the author(s) of this article 
can be found under https://doi.org/10.1002/adfm.202203669.

1. Introduction

Lipid-based nanoparticles are enabling new possibilities for 
nucleic acid medicine across various dimensions such as infec-
tious disease vaccines and gene editing.[1] These capabilities are 
broadly applicable to various types of nucleic acids, including 
deoxyribonucleic acid (DNA)[2] and ribonucleic acid (RNA),[3] 
and some of the most promising types are messenger RNA 
(mRNA),[4] small interfering RNA (siRNA),[5] transfer RNA 
(tRNA),[6] and self-amplifying RNA (saRNA).[7] One of the 
greatest benefits of lipid-based nanoparticle technology is the 
platform aspect whereby one nucleic acid molecule can be 
swapped out with another one, while utilizing the same nan-
oparticle design principles and manufacturing route.[8] Such 
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2. Lipid Nanoparticles

Lipid nanoparticles (LNPs) represent the most clinically 
advanced non-viral vector for the delivery of ribonucleic acids 
(RNAs).[13] LNPs have been widely used for encapsulating and 
delivering small interfering RNA (siRNA) in RNA interference 
(RNAi) therapy (see ref. [14]) and, more recently, have gained 
widespread attention by enabling the rapid development of 
messenger RNA (mRNA)-based vaccines to prevent COVID-19 
infection.[15] The remarkable success of LNPs in the clinical 
setting can be attributed to a few major technological mile-
stones with respect to lipid design and scalable methods of 
production. In particular, the utilization of ionizable lipids has 

led to tremendous improvements in LNP functional perfor-
mance, especially transfection efficiency.[16]

At the same time, the shift from bulk preparation methods 
such as batch extrusion to microfluidic-based production strat-
egies has allowed more precise control over the physicochem-
ical properties and overall quality of LNPs along with scalable 
manufacturing capabilities.[17] This enabled systematic studies 
to be conducted to understand the relationship between the 
physicochemical properties of LNPs, which depend on the 
nanoarchitectonic design strategy and production methods, 
and in vivo delivery performance. Finally, advances in microflu-
idic mixing technologies have facilitated scale-up through par-
allelization, which paved the way for large-scale manufacturing  

Scheme 1.  Applying the nanoarchitectonics concept to support innovation of lipid-based nanoparticle technology for nucleic acid delivery. A) Timeline 
of lipid-based nanoparticle technology progress and conceptual advances in the nanoarchitectonics field. B) Schematic representations of different 
lipid-based nanoparticle types, including (1) traditional lipid nanoparticles (LNPs), (2) lipoplexes, and (3) bicelles. The nanoparticles are enabled by 
the combination of controlling molecular self-assembly with various-shape lipids and using different nanofabriation strategies, highlighting how a 
nanoarchitectonics perspective can be useful to support future innovation. FDA, United States Food and Drug Administration; EMA, European Medi-
cines Agency; DOPE, 1,2-dioleoyl-sn-glycero-3-phosphoethanolamine; DOPC, 1,2-dioleoyl-sn-glycero-3-phosphocholine; DSPC, 1,2-distearoyl-sn-glycero-
3-phosphocholine; DHPC, 1,2-dihexanoyl-sn-glycero-3-phosphocholine; GML, glycerol monolaurate.
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of high-quality RNA-encapsulated LNPs.[18] This ultimately 
accelerated the translation of RNA-based LNP therapeutic 
solutions from the benchtop to the clinical setting. Neverthe-
less, efforts to continually improve the performance of LNPs 
in delivering different types of nucleic acid payloads are still 
ongoing. Along this line, it is crucial to understand the influ-
ence of different physicochemical parameters on the perfor-
mance of LNPs, and how specific design characteristics can 
be incorporated to overcome limitations particularly associ-
ated with the transport of nucleic acids across biological bar-
riers. In this section, we will review the evolution of LNPs as 
delivery systems for nucleic acids, especially RNAs, based on 
their design principles and production platforms and shed 
light on how nanoarchitectonic concepts are relevant to the 
design of LNPs.

2.1. General Design Rules from Biological Inspiration

Within the context of nucleic acid delivery using lipid-based sys-
tems, a series of works have taken inspiration from the delivery 
of native nucleic acids by lipoproteins.[19] In biological systems, 
native nucleic acids such as microRNAs are delivered to target 
cells by lipoproteins such as high-density lipoproteins (HDLs).[20] 
This occurs via binding of apolipoprotein A-I (ApoA-I),  
which is a major structural protein of HDLs, to specific scav-
enger receptors, such as SR-B1 that are present on target cell 
membranes.[20a] While HDLs are most popularly known for 
their role in reverse cholesterol transport (RCT)[21] in which 
case they remove excess cholesterol from peripheral tissues and 
transport it to the liver for biliary excretion, they have also been 
found to play critical roles in the transport of other biomolecules 
(e.g., signaling lipids, proteins, and nucleic acids).[22] Endoge-
nous HDL particles are relatively small (≈7–13 nm in diameter) 
and are highly dynamic in terms of physicochemical properties. 
Notably, they transition from a discoidal shape (i.e., in their nas-
cent form) to a spherical shape (i.e., in their mature form) and 
undergo changes in lipid composition during RCT (i.e., due to 
the adsorption, accumulation, and subsequent release of cho-
lesterol). Such morphological transitions offer insights into 
key design criteria related to multiple aspects of nucleic acid 
delivery, namely loading efficiency, physiological stability, and 
cell targeting and uptake efficiency.[23] Consequently, HDL par-
ticles represent excellent natural model systems for the formu-
lation of lipid-based nanoparticle drug delivery vehicles[24] and 
significant work has been performed to develop synthetic lipid 
and lipoprotein nucleic acid delivery vehicles that are inspired 
by these systems and follow a few general design principles as 
described below.[23,25]

With regard to nucleic acid loading, the shape and size 
transition of HDL particles upon cholesterol adsorption 
during RCT demonstrate how shape and size constraints 
may limit the number of nucleic acid molecules that can  
be loaded and transported per particle, with spherical parti-
cles offering higher loading capacities than discoidal particles 
of the same diameter. As such, the diameter of the particles 
needs to be carefully considered to maximize loading without 
compromising particle distribution, particle stability, or cell 
uptake efficiency. In addition, the amount of loading is also 

influenced by the loading method. While passive loading is 
generally more convenient, the loaded molecules can diffuse 
or leak out during circulation even before the delivery vehicle 
reaches target cells. On the other hand, loaded molecules 
that are covalently bound to the delivery particle are retained 
until reaching target cells. However, an active release mecha-
nism needs to be implemented to ensure that the molecules 
in that case can be effectively unloaded once the delivery 
vehicle reaches a target cell. Practically, this issue highlights 
how careful consideration of the noncovalent intermolecular 
forces in the delivery system is warranted in order to ensure 
that the delivery is optimally suited to enable both nucleic acid 
encapsulation and eventual release. In some cases, stimuli-
responsive systems that are sensitive to environmental condi-
tions such as solution pH have proven useful to achieve these 
performance objectives.

To further enable systemic circulation and attain a long 
circulation half-life, the particles should first be physically 
robust under flow conditions at physiological tempera-
ture (i.e., maintain structural integrity and not degrade or 
destabilize under shear stress).[26] In addition, the particles 
should avoid binding with blood components, which could 
lead to interparticle aggregation and uptake by the mononu-
clear phagocyte system (MPS). MPS evasion is traditionally 
achieved through the introduction of hydrophilic moieties or 
the attachment of non-fouling polymers (e.g., polyethylene 
glycol or PEG) to the outer surface of the particles.[27] In 
terms of size, the particles should not be too small (i.e., 
not less than ≈8  nm) to avoid kidney clearance.[28] Along 
this line, lipid conjugation strategies have been explored to 
obtain lipidated therapeutic nucleic acids that boast higher 
circulation times and are less prone to degradation.[29] Ulti-
mately, such protection improves the overall biodistribution 
of the nucleic acids and ensures that the nucleic acids effec-
tively reach target cells.[30] Besides providing protection from 
nuclease degradation, the conjugation of lipids to nucleic 
acids has also led to new functionalities. For example, lipi-
dated nucleic acids can be designed to assemble into pre-
programmed shapes with precise control over geometrical 
dimensions.[31] This offers greater flexibility in terms of 
architectural design and more faithfully mimics natural 
delivery systems.

Finally, cell targeting and nucleic acid uptake in the cyto-
plasm represent two closely related critical considerations in 
the development of targeted delivery vehicles. Inspired by the 
ability of HDL particles to achieve targeted delivery via binding 
of ApoA-I to specific scavenger receptors, cell targeting in syn-
thetic delivery vehicles can likewise be accomplished either 
through opsonization by apolipoprotein A or E (ApoA or ApoE) 
when the delivery vehicles are injected into the systemic circula-
tion or by functionalizing the delivery vehicles with natural tar-
geting molecules (e.g., ApoA or ApoE) or synthetic ligands.[32] 
Once the delivery vehicle reaches the target cell, the uptake 
mechanism is also influenced by the targeting strategy. While 
most lipid-based delivery systems rely on endocytosis, delivery 
vehicles that undergo opsonization are internalized by cells 
through phagocytosis.[33] In addition, the mechanism of uptake 
also depends on the surface charge, shape, size, and surface 
chemistry of the delivery vehicle.

Adv. Funct. Mater. 2022, 2203669



www.afm-journal.dewww.advancedsciencenews.com

2203669  (4 of 38) © 2022 Wiley-VCH GmbH

2.2. LNP Design Principles

In addition to the general design rules inspired by biological 
nanoparticle examples such as HDL particles described above, 
the design principles behind the formulation of LNPs also 
expand on the early designs of synthetic liposome-based car-
riers, which consist of a neutral unilamellar lipid bilayer with 
an aqueous core, encapsulating short-stranded nucleic acid 
molecules (i.e., oligonucleotides).[34] While liposomes can serve 
as carriers for a variety of therapeutic molecules, their simple 
structure and the use of largely neutral lipids for the delivery of 
oligonucleotides posed several challenges.[35] Firstly, weak inter-
actions between the lipids and negatively charged nucleic acids 
hampered efficient entrapment during production. Secondly, 
when introduced into biological systems, liposomes are prone 
to clearance by the reticuloendothelial system (RES), opsoniza-
tion and destabilization, leading to reduced circulation time.

Over the years, the design has significantly evolved to achieve 
lipid-based delivery systems that overcome these limitations 
through employing a combination of different types of phos-
pholipids. Within the context of nucleic acid delivery, it is vital 
to 1) ensure that the phospholipid carrier can efficiently interact 
with, condense, and entrap the nucleic acids, in a process col-
lectively known as encapsulation and 2) effectively deliver the 
encapsulated nucleic acids to the cells with minimal biological 
interference during circulation. Encapsulation serves not only 
to spatially entrap the nucleic acids within the delivery vehicle, 
but to also isolate them from the external environment while 
protecting their structure and function. Initially, permanently 
cationic lipids were largely used to improve the interaction 
between positively charged lipid membrane interfaces and neg-
atively charged nucleic acids.

While it was successful in increasing the encapsulation effi-
ciency, the use of permanently cationic lipids attracted nonspe-
cific biological interactions and suffers from problems associ-
ated with triggering the innate immune response (e.g., arising 
from the activation of the complement system) and cytotoxicity 
(i.e., arising from the activation of proapoptotic and proinflam-
matory cascades), thus failing to provide a sustainable solution 
to issues related to reduced systemic circulation times. Early 
efforts to mitigate these issues focused on utilizing cationic 
lipids with delocalized charge while the issues were eventually 

tackled through the design of a unique class of lipids with 
switchable charge known as ionizable lipids, which achieved 
significant improvements in encapsulation efficiency by being 
positively charged at low pH during production and avoided 
nonspecific biological interactions by remaining neutral at 
physiological pH during circulation. A careful balance of head-
group and tail properties further enabled control over mem-
brane biophysics to guide the development of tailored LNPs 
with heightened functionalities.

When combined with PEG lipid, helper lipid, and choles-
terol, the delivery system becomes distinct from a traditional 
liposomal carrier in terms of structure, morphology, and lipid 
composition, and is therefore referred to as an LNP. Archi-
tecturally, LNPs are characterized by a phospholipid bilayer 
surrounding an electron-dense core in which ionizable lipid-
encapsulated nucleic acid payloads are densely packed in the 
interior[36] (Scheme 2). Compared to liposomes, which consist 
of phospholipid bilayers and cholesterol with distinct phase 
transitions from ordered gel phase to liquid crystalline phase, 
Larson  et  al. reported that cationic mRNA–LNPs transition 
from an inverse hexagonal phase at pH values below the pKa 
of the cationic lipid, to a lamellar phase above the pKa.[37] Like-
wise, such phase changes also occur when the temperature is 
increased, indicating that the inverted hexagonal phase is more 
thermodynamically favorable. Based on these developments, it 
becomes clear that the most critical aspects of LNP formulation 
are nanoarchitecture design and lipid composition. By varying 
the lipid composition, the interaction with the nucleic acid pay-
load can be carefully tuned. This directly impacts the encapsu-
lation efficiency and influences the particle morphology and 
overall charge, which taken together will determine the overall 
performance of the delivery system. Conversely, the choice of 
lipids also depends on the nature of the nucleic acid payload. In 
the following subsections, we elaborate on the rationale behind 
the choice of lipid compositions, as well as the considerations 
for different payloads, in designing RNA–LNP delivery systems.

2.2.1. Lipid Composition

The formulation of LNPs is uniquely characterized by the uti-
lization of four different lipid excipients namely: 1) ionizable 

Scheme 2.  Lipid nanoparticle architecture. Structural configuration and key components of a lipid nanoparticle with nucleic acid payload, highlighting 
how each component contributes to the overall structure and function.
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lipids, 2) helper phospholipids, 3) cholesterol, and 4) PEG lipid. 
Each one of these excipients plays specific roles in ensuring the 
overall effectiveness of LNP as a nucleic acid delivery vehicle. 
Recently, Siegwart Daniel and co-workers developed selec-
tive organ targeting (SORT) nanoparticles, which enable the 
delivery of mRNA and gene editing systems to non-liver tis-
sues.[38] SORT nanoparticles include a supplemental molecule 
whereby the chemical structure determines the LNP’s tissue-
specific activity. Their work demonstrates how a “fifth excip-
ient” can further enhance the physicochemical properties and 
targeted delivery performance of LNPs. In all cases, the key to 
designing LNPs with high delivery efficacy lies in achieving an 
optimal balance between particle stability, sustained systemic 
circulation, and the ability to release the payload in a controlled 
manner inside the target cell, all of which rely on the proper 
selection of the different lipid excipients as described below.

Ionizable Lipids: Ionizable lipids are positively charged at 
acidic pH and neutral at physiological pH. During LNP produc-
tion, they specifically serve to condense and entrap negatively 
charged nucleic acids (e.g., siRNA, mRNA, pDNA) through elec-
trostatic interactions under acidic conditions. However, when 
the LNPs are introduced to the physiological environment, the 
ionizable lipids will switch to being neutral[13b] (Figure  1A). 
Compared to permanently charged cationic lipids, the use of 
ionizable lipids with neutral surface charge in the physiological 
system is especially beneficial in preventing the adsorption of 
negatively charged biomolecules onto the LNP and preventing 
rapid sequestration by immune cells during systemic circulation. 

Once the LNP reaches the endosome, which typically presents 
an acidic environment, the ionizable lipids will revert to being 
positively charged. This leads to electrostatic interactions with 
the anionic endosomal membrane, resulting in the formation of 
a nonbilayer hexagonal phase that momentarily destabilizes the 
endosomal membrane and thereby facilitates the release of the 
nucleic acid to the cytosol[39] (Figure 1B).

There are three major classes of ionizable lipids depending 
on the tail structure of lipids, namely conventional two-
tail, multi-tail, and branched-tail ones (Figure  2). While the 
number/structure of the tail region largely affects the overall 
geometry of the lipid self-assembly (i.e., a bulkier tail group 
promotes a more cone-shaped structure), another important 
factor to consider is tail saturation. Unsaturated ionizable lipids 
generally increase fluidity and a tendency to form a nonbilayer 
phase, which facilitates membrane disruption and payload 
release.[40] One of the most widely used two-tail, unsaturated 
ionizable lipids is DLin-MC3-DMA, which is incorporated in 
the FDA-approved siRNA–LNP drug (ONPATTRO). Multi-tail 
ionizable lipids have three or more tails, which can result in 
a more cone-shaped geometry to enhance endosome disrup-
tion.[41] Along this line, branched-tail ionizable lipids have also 
been developed, which may present methacrylate, acrylate, or 
ester chains that extend either as a 1C branch near the head or 
a 1C branch at the end. This can promote endosomal escape 
arising from stronger protonation of spaced ionizable lipids at 
endosomal pH and the increased cross-section of lipid tails, 
allowing for the formation of a more cone-shaped geometry.[42] 

Figure 1.  Illustration of the pH-dependent behavior of lipid nanoparticles due to ionizable lipids. A) Principle of the mechanism of ionizable lipids. 
During formulation, the ionizable lipids present a positive charge at low pH (below its pKa) to promote favorable interactions with negatively charged 
nucleic acids and facilitate nucleic acid encapsulation. During storage and in circulation under physiological pH (above its pKa), the ionizable lipids 
will switch to being neutral and remain stable. Once the LNP reaches the endosome, which typically presents an acidic environment (below its pKa), 
the ionizable lipids will become protonated again and resume a positive charge. B) Schematic representation of LNP interaction with the endosome, 
leading to a change in lipid geometry due to the formation of ion pairs. Protonated ionizable lipids interact with anionic lipids adopting an inverted 
cone geometry, which promotes the formation of the inverted hexagonal (HII) phase associated with membrane fusion.
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Biodegradability can be improved by incorporating ester bonds 
to promote degradation into nontoxic metabolites after intra-
cellular delivery.[43] This is critical to reduce systemic accu-
mulation and eliminate potential side effects. Finally, since 
chain branching increases the cross-section of phospholipid 
tails (i.e., reduces chain packing) and results in the formation 
of phospholipids with cone-shaped geometry that promote 
spontaneous negative curvature to the membrane (i.e., due to 
the inversion of cone-shaped structures), it generally leads to 
better fusogenicity.

As a critical factor in the nucleic acid delivery process, it 
is important to understand the structure-function relation-
ship between the molecular structure of ionizable lipids to the 
transfection efficiency of the LNPs, and how this in turn will 
determine the therapeutic efficiencies of LNPs.[44] For example, 
it has been found that lipid tail saturation, as well as the type 
of linker between the lipid tail and the headgroup can signifi-
cantly influence transfection efficiency.[40c,45] More interestingly, 
small structural variations such as those arising from differ-
ences in the double bond positions of unsaturated lipid tails 

Figure 2.  Structural classes of ionizable lipids. Three major classes of ionizable lipids depending on the tail structure, namely two-tail, multi-tail, and 
branched-tail.
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or branching positions, are sufficient to produce significant 
variations in delivery performance.[45,46] Following this line, it 
is anticipated that ionizable lipids with novel structures will 
continue to emerge, which will facilitate the rational optimiza-
tion of LNP lipid composition. Such developments may also be 
guided by the need for improvements in biodegradability, which 
is a key feature for clinical translation, as well as the promising 
opportunity of fine tuning the lipid geometry through adjust-
ments in tail branching (i.e., in terms of extent and position), 
tail length, and number of tails.

Helper Phospholipids: The roles of helper phospholipids are 
various, ranging from facilitating membrane fusion, which 
contributes to higher transfection efficiencies, and increasing 
bilayer stability.[47] Helper phospholipids can have different 
molecular structures and geometry. For example, 1,2-dio-
leoyl-sn-glycero-3-phosphoethanolamine (DOPE), which is 
widely regarded as a fusogenic lipid, has a small phosphoe-
thanolamine head (i.e., comprising of a primary amine and 
a phosphoric acid moiety), and two bulky and unsaturated 
oleoyl chains, resulting in a cone-shaped geometry. It is sug-
gested that such geometry has the capability to stabilize the 
non-bilayer inverted hexagonal (HII) phase, which transiently 
forms during membrane fusion. Hence, the addition of DOPE 
as helper lipids enhances fusogenicity, effectively increasing the 
amount of LNP accumulation in target cells leading to higher 
transfection efficiencies. On the other hand, phosphotidylcho-
lines (PCs), such as 1,2-distearoyl-sn-glycero-3-phosphocholine 
(DPSC) and 1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC) 
form a cylindrical geometry and provide greater bilayer stability 
relative to DOPE. In particular, the high melting temperature 
(Tm) of DSPC, which is a saturated PC, leads to highly stable 
bilayers at physiological temperatures. However, such high 
stabilities will hamper endosomal release and reduce the effi-
ciency of payload delivery. In comparison, DOPC, which is an 
unsaturated PC, has a lower Tm and exists in the fluid phase 
at physiological temperatures. As a result, they contribute to 
lower bilayer stability while allowing better efficiencies in pay-
load delivery compared to DSPC. Taken together, DSPC offers 
the highest bilayer stability, followed by DOPC and DOPE. In 
other words, DOPC represents a good intermediate choice as a 
helper lipid and the balance between bilayer stability and trans-
fection efficiency is often achieved through the introduction of 
cholesterol.

Cholesterol: The introduction of cholesterol can affect the 
degree of lipid packing, which influences membrane fluidity 
and permeability of the bilayer of the LNP.[4] Structurally, cho-
lesterol comprises of three domains namely the head, body, and 
tail.[48] The head is a hydroxyl group positioned in a tilted con-
figuration above one of the cyclohexane or cyclohexene rings 
of the body. The body comprises of a fused four-ring system 
containing three cyclohexane or cyclohexene rings and one 
cyclopentane ring, while the tail is a saturated alkyl side chain 
of the cyclopentane ring. It is suggested that the flexibility of 
cholesterol arises from the lack of functional groups in the tail 
and saturated nature of the alkyl chain. As a result, cholesterol 
molecules can fill gaps between other phospholipid molecules, 
through the interaction of the hydroxyl head groups with the 
aqueous phase of the phospholipid membrane (i.e., via polar 
interactions and hydrogen bonding). Together, the body and 

tail of the cholesterol molecule promote orderly arrangement 
of the hydrophobic portion of the bilayer, leading to tighter lipid 
packing of the membrane. Consequently, this reduces mem-
brane permeability and increases the overall structural integrity 
of the LNPs. In addition, cholesterol can traverse lipid bilayers 
and offer the possibility of equilibration across a concentration 
gradient should the need arise. During circulation, cholesterol 
also helps to prevent the diffusion of the other lipid excipients 
of the LNPs into high-density lipoproteins (HDL)-endogenous 
lipids thereby improving the LNP stability in vivo.

Poly(ethylene glycol) PEG Lipid: The introduction of PEG lipid 
serves to protect the LNP surface from opsonization, reticu-
loendothelial clearance, and destabilization during systemic 
circulation.[27a,49] This is achieved through a combination of 
steric repulsion and the formation of a hydration layer arising 
from the extension of hydrophilic PEG chains from the LNP 
surface. Based on the same mechanism, PEG-lipids also pre-
vent the aggregation of LNPs during production, storage, and 
in circulation. Taken together, the structure of PEG extending 
from the LNP surface increases the overall stability of LNPs, 
which is largely advantageous. However, the prevention of non-
specific molecular adsorption on the LNP surface offered by 
PEG lipids comes with a caveat as it also implies a significant 
reduction in the adsorption of apolipoprotein E (ApoE), ApoE 
is an extracellular protein that plays a key role in influencing 
the systemic circulation time of LNPs. The binding of ApoE has 
been found to trigger a redistribution of lipids at the shell and 
the core and plays a critical role in fusogenicity. In particular, it 
facilitates the cellular uptake of LNPs through receptor-medi-
ated cellular entry.[50] Hence, it is vital to strike an optimal bal-
ance when deciding on the appropriate amount of PEG to be 
introduced to LNPs to ensure good protection against opsoni-
zation and reticuloendothelial clearance without compromising 
fusogenicity and cellular uptake. The adjustment of PEG den-
sity also allows the tuning of LNP pharmacokinetics for dif-
ferent applications.

While there are obvious benefits of including PEG lipids in 
LNPs, it is worthy to note that PEG is widely known to trigger 
immune responses and hypersensitivity reactions by activating 
the complement system. In addition, it can also suffer from 
accelerated blood clearance (ABC) (i.e., following the binding 
of anti-PEG antibodies). This has been intensively discussed, 
most recently during the development, and ongoing evalu-
ation of COVID-19 vaccines, in which the potential of PEG 
lipids to cause anaphylaxis especially among patients with 
PEG allergy represents a significant concern.[51] In fact, there 
is evidence that highlights the importance of the form of PEG; 
specifically suggesting that PEG conjugated with lipids, not 
PEG alone, is more likely to cause allergic reactions.[52] Along 
this line, it is also important to note that PEG-lipids have the 
tendency to desorb and therefore escape the LNP architec-
ture to circulate freely, increasing the likelihood of triggering 
immune responses. Considering these issues, several natural 
(e.g., polyaminoacids, glucosaminoglycans) and synthetic (e.g., 
polyacrylamide, polysulfobetaine methacrylates) polymers have 
been investigated as alternatives to PEG.

Cell-Specific Targeting: In addition to their primary roles in 
encapsulation, maintaining particle stability, and supporting 
systemic circulation, the lipid excipients can also play a critical 
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role in achieving cell-specific targeting as well as in modulating 
biodistribution and uptake mechanisms. For example, it has 
been established that ApoE adsorption is largely responsible for 
LNP accumulation in the liver since lipid-associated ApoE binds 
to low-density lipoprotein (LDL) receptors in the liver.[53] Along 
this line, several works have explored the possibility of varying 
the helper lipid composition to modulate the LNP interaction 
with ApoE.[46,47c,50] It has been observed that LNPs containing 
DOPE helper lipid interact more favorably with ApoE, therefore 
resulting in increased levels of accumulation in the liver.[47c] 
On the other hand, LNPs containing DSPC helper lipid exhib-
ited weaker interactions with ApoE, leading to accumulation 
in the spleen. This was attributed to the unsaturated nature of 
DOPE, which leads to higher membrane fluidity; greater mem-
brane fluidity has been previously observed to increase protein 
adsorption.[54]

Based on this rationale, lipid compositions can therefore 
be tuned to modulate the uptake mechanism for LNPs in line 
with controlling protein adsorption. In the most common sce-
nario in which the cell uptake of LNPs occurs via the endocytic 
pathway,[55] the collective role of helper lipids and PEG lipids is to 
reduce protein adsorption and prevent corona formation. In the 
case of receptor-mediated endocytosis of ligand-targeting LNPs, 
lipids can be conjugated with antibodies or aptamers. It is worthy 
to note that for uptake via endocytosis, the ionizability of the 
lipids represents another crucial factor that enables the LNPs to 
withstand pH changes throughout the process, achieve endolyso-
somal escape, and eventual release of the nucleic acid cargo. 
Alternatively, the cell uptake of LNPs can also occur via phago-
cytosis.[56] In this case, lipid compositions should preferably be 
tuned to induce protein adsorption and trigger opsonization 
involving apolipoproteins (e.g., ApoA-I and ApoE), which would 
lead to phagocytosis. Furthermore, the concept of decorating 
pre-synthesized LNPs with native or synthetic biomolecules for 
the purpose of modulating biodistribution and cell uptake can be 
extended to improve cell targeting. Recently, SORT nanoparticles 
developed by Siegwart Daniel and co-workers demonstrated the 
ability to deliver mRNA with increased cell-targeting capabilities 
(i.e., to non-liver tissues) by endowing LNPs with an additional 
molecule that exhibits tissue-specific activity.[38]

2.2.2. Payload Considerations

LNPs were initially developed and optimized for the delivery of 
siRNAs. Although similar lipid compositions can theoretically 
encapsulate other types of nucleic acids, it may be challenging 
to apply the same formulation across the board considering the 
differences in molecular size, net charge, and conformational 
structure.[57] For example, small activating RNAs (saRNAs), and 
microRNAs (miRNAs), both of which are also involved in the 
RNA interference pathway like siRNAs, are double-stranded 
and with lengths between 20 and 24 base pairs. On the other 
hand, single-stranded mRNAs can and double-stranded plasmid 
DNAs (pDNAs), can vary from several hundred to several hun-
dred thousand nucleotides. Since the negative charge of nucleic 
acids arises from the phosphate backbone, their net charge is 
directly correlated to the number of nucleotides and whether 
they are single- or double stranded. In addition, nucleic acids 

such as pDNAs and transfer RNAs (tRNAs) have well-defined 
conformational structures; pDNAs are circular and tRNAs have 
a distinctive three-leafed clover structure comprising of three 
hairpin loops. As such, adjustments to the lipid composition 
are often required to accommodate different nucleic acids. Spe-
cifically, the ratio between the four lipid excipients, as well as 
the ratio of ionizable lipid to RNA has been found to signifi-
cantly affect the delivery efficacy both in vitro and in vivo.[58]

siRNA versus mRNA: In order to exemplify the importance 
of considering the different characteristics of nucleic acid pay-
loads on the efficacy of LNP delivery systems, we examine two 
types of RNAs, namely siRNA and mRNA, that are most com-
monly encapsulated by LNPs. It is well known that siRNA and 
mRNA structurally differ based on size and effective charge. 
While siRNA has a short and well-defined structure (i.e., 
double-stranded with a typical length of between 20–24 base 
pairs[59]), mRNA has a relatively less defined structure with 
variable lengths (i.e., threadlike, single-stranded with lengths 
in the range of several hundred to a thousand bases[60])—as 
a reference, the SARS-CoV-2 single-stranded genomic RNA 
is approximately 30 kilobases in length.[61] These differences 
potentially lead to variations in lipid packing and the overall 
LNP configuration and size. For example, it was found that 
while siRNA molecules in siRNA–LNPs are largely confined 
within multilamellar nanostructures (i.e., consisting of siRNA 
molecules sandwiched between tightly packed concentric lipid 
bilayers of ionizable lipids with PEG lipids on the outermost 
layer), mRNAs, due to their larger size, can rearrange the 
compartmental organization within the internal core of the 
mRNA–LNPs and form inverted hexagonal nanostructures 
instead.[62] In this configuration, mRNA molecules are encapsu-
lated within an aqueous environment surrounded by a mono
layer of ionizable lipids with their headgroups facing inwards. 
These individual compartments are in turn densely packed and 
contained within a nonpolar environment bounded by a phos-
pholipid monolayer containing a mixture of ionizable lipids, 
helper lipids, and PEG lipids with their headgroups facing the 
external aqueous environment. Based on these arguments, 
it becomes clear that the chemical, as well as architectural, 
requirements of the lipid formulation would greatly depend 
on size and structure of the intended encapsulated material. 
For example, a smaller payload (e.g., siRNA) with well-defined 
structure would result in a denser, well-packed arrangement 
of encapsulated nucleic acids in the interior of the LNPs and 
potentially a smaller overall LNP. Conversely, a larger payload 
(e.g., mRNA) with a less ordered structure would result in a 
less dense arrangement within the LNPs and possibly a larger 
overall LNP. Indeed, previous works have shown that siRNA 
and mRNA are most effectively delivered in differentiated LNP 
formulations.[44a]

Besides adjusting the ratio between the four lipid excipients, 
various proprietary ionizable lipids with new structures and 
functionalities have emerged driven by the need to enhance 
the efficacy of mRNA–LNPs. In a noteworthy development, 
Ball  et  al. explored the possibility of codelivery of siRNA and 
mRNA using a single LNP formulation.[58] To achieve this, they 
employed a formulation comprising of an ionizable and biode-
gradable amine-containing lipidoid, cholesterol, DSPC, DOPE, 
and PEG lipid. They began with two previously reported LNP 
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formulations that were found to be potent for siRNA and mRNA 
delivery and systematically varied the lipidoid-to-RNA ratio, as 
well as the percentage of lipidoid in relation to the helper lipid, 
cholesterol, and PEG lipid. They also gradually changed the 
composition of helper lipids from a blend containing majority 
DSPC to DOPE, and introduced a negatively charged helper 
polymer in the form of poly(sodium 4-styrenesulfonate) (PSS) to 
enhance the efficacy. Surprisingly, they found that coformulation 
of siRNA and mRNA in the same LNP was not only possible but 
enhanced the efficacy of both drugs in vitro and in vivo. It was 
suggested that since DSPC has two saturated aliphatic tails while 
DOPE has a cis-double bond in each of its two aliphatic tails, the 
packing of nucleic acids within the internal core of the LNP can 
be carefully optimized by varying the ratio of DSPC to DOPE 
to accommodate the significant structural differences of both 
siRNA and mRNA. Furthermore, the additional negative charge 
of PSS promotes electrostatic attraction in the particle and 
increased overall particle stability. Separately, Hejdankova et al. 

recently developed a novel structural class of ionizable adaman-
tane-based lipidoids named XMaNs, which overcomes issues 
related to tedious optimization of LNP components for a wide 
range of nucleic acids.[63] Briefly, XMaN LNPs were formu-
lated with DMG-PEG2000, cholesterol, the helper lipid DOPE, 
XMaN lipidoids (Figure 3A), and combined with diverse types of 
nucleic acids (mRNA, siRNA, pDNA, 2′,3′-cGAMP) (Figure 3B) 
in a microfluidic device. Nucleic acid-loaded XMaN LNPs have 
an intricate architecture (Figure  3C) and the microfluidic pro-
duction has allowed the fabrication of XMaN LNPs with good 
sizes and excellent size distribution (Figure 3D). Using the best 
performing member of the XMaN family, they were successful 
in entrapping and delivering siRNA, mRNA, plasmid DNA as 
well as a cyclic dinucleotide. Taken together, these works high-
light that the delivery of different nucleic acid payloads, whether 
isolated or in combination, is highly achievable and can be sig-
nificantly enhanced through a series of systematic and efficient 
formulation optimization.

Figure 3.  General overview of the approach to obtain LNPs incorporating XMaN lipidoids to achieve the delivery of different types of nucleic acids. 
A) Four lipid excipients, including XMaN lipidoids, are first mixed in ethanol, before they are combined, using a microfluidic platform, with B) a wide 
range of nucleic acid payloads that are dissolved in an aqueous buffer. C) A representation of a possible architectural configuration of nucleic acid-
encapsulating XMaN LNPs. D) Cryo-TEM images of mRNA-loaded XMaN LNPs, their size distribution and evaluation of their functional stability after 
prolonged storage (i.e., up to five weeks) at 4 °C. Adapted with permission.[63] Copyright 2021, Wiley-VCH.
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Formulation Optimization: The evolution of LNPs from 
encapsulating siRNA to mRNA highlights the need to optimize 
the lipid formulation for each type of nucleic acid payload since 
the formulations are not interchangeable. To achieve the most 
ideal LNP formulation for the delivery of different nucleic acid 
payloads, most works rely either on the one-factor-at-a-time 
(OFAT) approach or the design-of-experiment (DoE) approach. 
In the OFAT approach, one lipid is varied systematically while 
keeping all other factors constant. While this method is advan-
tageous to reveal the direct correlation between the varied 
parameter to the overall physicochemical property of the LNP, 
it does not consider higher order interactions between the dif-
ferent lipid excipients. Consequently, a possible optimal formu-
lation arising from second or third order interactions between 
the lipids could be missed. The method is also time consuming 
and could lead to wastage of precious reagents, especially when 
it involves optimizing lipid parameters for different nucleic 
acids. The DoE approach, on the other hand, gains maximum 
insights about the effect of varying several parameters to the 
overall property of the LNPs through minimal number of 
experiments.

Generally, it involves a screening design paired with 
response surface methodology (RSM). Screening design first 
identifies potential significant variables (e.g., choice of ioniz-
able lipid, helper lipid, amount of cholesterol, ratio of lipid to 
nucleic acid payload, etc.) while RSM determines the critical 
degree of adjustment that should be applied to the most impor-
tant variable.[64] The DoE approach provides information on 
the interaction between several parameters, leading to more 
accurate conclusions compared to the OFAT approach. More 
importantly, it streamlines the formulation optimization pro-
cess. This was clearly demonstrated by Love  et  al., where the 
formulation of LNPs containing erythropoietin (EPO)-mRNA 
and C12-200 phospholipid was optimized from a previous for-
mulation designed for siRNA–LNP.[65] The study identified 
the choice of helper phospholipid as the most important para-
meter for effective delivery EPO–mRNA; the use of DOPE was 
favorable over DSPC, which was initially used in the formula-
tion of siRNA–LNP. The weight ratio of C12-200 phospholipid 
to mRNA was also identified as another important parameter. 
Notably, second-order interactions (e.g., between C12-200 mol% 
and C12-200-to-mRNA weight ratio) were detected, highlighting 
the advantage of the DoE approach over the OFAT approach. 
Such capability to detect higher-order interactions is especially 
vital when performing formulation optimization involving ion-
izable lipids with novel functionalities, of which multiple layers 
of interdependencies with other parameters could be difficult 
to resolve.

In a separate demonstration, Dahlman and co-workers 
described a cluster-based screening approach, which was 
inspired by statistical DoE methodologies, to optimize the for-
mulation of mRNA–LNPs for the delivery of nebulized thera-
peutic mRNA.[64b] The cluster-based approach involves, firstly, 
the identification of LNP chemical traits that influence the in 
vivo delivery of nebulized LNPs (e.g., the amount of PEG added 
to the LNP, the structure of the lipid-PEG, the charge of the 
phospholipid and the presence or absence of cholesterol). A 
hypothesis relating to the effect of varying each of these traits 
is assigned as an axis in an N-dimensional chemical space and 

a small group of LNPs (e.g., around 8 to 12) are then formulated 
at the extreme of each axis. Within these “extreme groups,” a 
selection process is further applied to determine whether 1) the 
LNPs meet size and stability requirements, 2) the stability 
remains unchanged when LNPs are pooled together, and  
3) the pooled LNPs functionally deliver mRNA following nebu-
lization. Promising groups that pass this selection process are 
then expanded and combined by formulating LNPs near the 
intersection of these groups, with newly formulated LNPs also 
subject to the same selection process. All these data, including 
from groups that initially failed, were considered to design 
subsequent LNPs. Through this regimented process, they 
were able to efficiently scan a diverse LNP chemical space, and 
manipulate several pertinent parameters that influence in vivo 
delivery, iteratively.

2.2.3. Physicochemical Parameters

The size and surface charge of the resultant LNPs have been 
identified as critical parameters that affect not only the amount 
of nucleic acid payload that can be packaged within the internal 
core but also the in vivo behavior of LNPs.[66] These parameters 
influence the pharmacokinetic profile of LNPs. For example, 
smaller particles are observed to exhibit longer systemic circula-
tion times and slower clearance from the blood stream. More 
importantly, it has been observed that particle size affects cell 
uptake since the endocytic pathway varies with particle size, 
which has implications on the intracellular processing and 
overall efficacy of the LNPs.[67] For instance, it was found that 
the endocytosis of 40 nm diameter LNPs is based on a dynamin-
dependent pathway while the endocytosis of LNPs larger than 
98 nm in diameter is based on a clathrin-dependent pathway.[68] 
More recently, Hasset et al. evaluated the effect of LNP size on 
mRNA vaccine immunogenicity on mice. They systematically 
changed the LNP diameter at a fixed lipid composition and 
found that LNPs with smaller diameter did not lead to a signifi-
cant immune response in mice. However, significant immune 
responses were observed in non-human primates regardless of 
the LNP diameter.[69] In a separate study, Chen et al. also found 
that the hepatic gene silencing of FVII in mice was significantly 
influenced by the size of the siRNA–LNPs.[70] Specifically, gene 
silencing was far more efficient using LNPs with an optimal 
size of 38–78 nm in diameter compared to smaller (i.e., 27 nm 
in diameter) and larger (i.e., 117 nm in diameter) particles. The 
observation was attributed to the inability of large LNPs to infil-
trate the fenestrations in the liver vasculature and the instability 
of smaller LNPs in serum. In addition, the ionizable lipids also 
tend to dissociate more rapidly from smaller LNPs leading to 
lower transfection efficiencies. Aside from demonstrating the 
effect of size on the efficacy of LNPs, these studies also high-
light the importance of producing LNPs with high monodis-
persity without overlapping size distributions. Likewise, the 
phospholipid charge not only affects the interaction between 
the lipid excipients and the nucleic acid payload, which deter-
mines the encapsulation efficiency but also determines the 
overall surface charge and zeta potential of the LNPs, which 
strongly influences interactions with biological components in 
vivo. While the uptake pathway is influenced by particle size, 
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the degree of initial adsorption of the LNP on the cell mem-
brane is governed by its zeta potential. It is therefore essential 
to achieve precise control over these parameters.

2.3. Platform Development

As evidenced by the previous section, the key to the success 
of LNPs as nucleic acid delivery systems lies in a solid under-
standing of the structure–function relationship. Clearly, the 
molecular structures define the resultant geometry of the lipid 
components, affect their interaction with the nucleic acids, and 
influence the overall morphology and physicochemical proper-
ties of the LNP (i.e., the concept of nanoarchitectonics[71]), all 
of which in turn determine the behavior of LNPs in vivo, and 
ultimately the performance of the LNPs within the context of a 
nucleic acid delivery system.[72]

While the design principles are built upon these correla-
tions, they would not have been realized without proper and 
consistent control over the LNP fabrication process, which has 
allowed systematic studies to be conducted in a reproducible 
manner. At the same time, reproducibility and scalability rep-
resent key prerequisites for the clinical development of LNPs. 
Along this line, efforts have been continually made to improve 
the production methods of LNPs. The development of produc-
tion platforms serves two overarching objectives. Firstly, it aims 
to achieve controlled and reproducible production of LNPs so 
that fundamental investigations looking into the structure-func-
tion relationship can be performed reliably thereby facilitating 
formulation optimization of LNPs. Second, it promotes scalable 
manufacturing, which paves the way for the entry of LNPs to 
the clinic. In the following subsections, we will elaborate on 
how the production platforms have evolved over recent years, 
particularly through the advent of microfluidics technologies.

2.3.1. Bulk Mixing Methods

Early production of liposome- and LNP-based delivery systems 
relies on bulk mixing methods. Liposome-based carriers, par-
ticularly those containing siRNA, have been commonly pre-
pared through lipid film hydration followed by extrusion, or 
using the sonication and homogenization methods. Extrusion 
involves passing the solution containing the lipid mixtures 
through a series of filters to attain liposomes with the desired 
size. The intended payload is encapsulated through the sonica-
tion or homogenization steps.

Besides extrusion, liposomes can be fabricated following the 
ethanol injection method. In this method, lipid mixtures in 
ethanolic solution are injected into a large volume of aqueous 
solution under continuous stirring. The ethanol is then 
removed via evaporation leading to the spontaneous formation 
of vesicles. This method has several advantages over the film 
hydration method. Firstly, the method is relatively straightfor-
ward as it does not involve any intermediate processing steps. 
Secondly, the method does not involve any sonication steps, 
avoiding unnecessary damage to the phospholipid molecules. 
Most importantly, it produces unilamellar vesicles with smaller 
diameters and better monodispersity. While the film hydration 

and ethanol injection methods can be easily adopted and per-
formed at the laboratory scale, they are labor-intensive and lack 
scalability. The crossflow injection method was then developed 
by Wagner et al. to streamline the process and execution of the 
ethanol injection method.[73] In the crossflow injection method, 
the setup comprises of two stainless steel tubes welded per-
pendicular to one another with a small injection hole at the 
intersection between the tubes. Through this injection hole, 
lipid mixtures in ethanol are injected into a stream of aqueous 
buffer leading to the spontaneous self-assembly of lipids to 
form liposomes. It was found that the introduction of high 
lipid concentrations under high injection pressures leads to 
liposomes with a narrow size distribution. It was suggested that 
unlike the lipid film hydration and ethanol injection methods, 
the crossflow injection method was suitable for continuous and 
scalable manufacturing of liposomes. Overall, these bulk prep-
aration methods establish the guiding principles behind LNP 
production and provide the basis for the development of more 
advanced production platforms that are aimed to improve the 
physicochemical properties of the LNPs.

2.3.2. Advent of Microfluidics

Microfluidics refers to the control and manipulation of fluids 
within channels, cavities, and structural features with dimen-
sions in the micrometer range.[74] Microfluidics have found rel-
evance in a wide variety of biomedical applications, including in 
the preparation of gene and drug delivery vehicles.[75] It allows 
greater consistency in the preparation process since the flow 
is well controlled by means of optimizing and fixing the flow 
channel dimensions and flow rates of the introduced fluids, 
thus leading to improved reproducibility. Besides, microfluidics 
also increases throughput and opens the possibility of integra-
tion with digital automation.[76] Within the context of LNP pro-
duction, microfluidics overcome challenges related to manual 
experimental execution and batch processes. For example, 
microfluidics allows controlled mixing of lipids in organic sol-
vent and nucleic acids in aqueous buffer under continuous 
flow, with minimal operator intervention. This contrasts with 
the lipid injection method, which, although principally similar 
in terms of solvent mixing, is a batch process that requires con-
tinuous stirring and subsequent removal of the ethanol via an 
evaporation step.

Motivated by the growing promise of nanoparticles as an 
alternative to viral vectors for the delivery of nucleic acids into 
specific types of cells for gene therapy, Wang  et  al. designed 
a rapid developmental pathway for generating nanoparticle-
based vectors for highly efficient delivery of a variety of nucleic 
acid payloads for gene therapy applications.[77] It relied on a 
combinatorial synthetic approach based on supramolecular 
assembly executed within a custom-designed digital microre-
actor to achieve a convenient, flexible, and modular method 
for generating DNA-encapsulated supramolecular nanoparti-
cles. The employment of controlled microfluidic formulation 
for the rapid discovery of potent siRNA-containing LNPs was 
later reported by Anderson and co-workers.[70] The method 
involved the production of large amounts of siRNA–LNPs on 
a microliter scale through stepwise ethanol dilution. Briefly, 
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an ethanolic solution containing the lipid excipients was first 
rapidly mixed with an equal volume of aqueous solution con-
taining siRNA. This leads to lipid self-assembly into LNPs while 
encapsulating the siRNA through electrostatic interactions. The 
siRNA–LNPs were then further diluted with aqueous buffer to 
prevent LNP aggregation. These steps were performed within a 
polydimethylsiloxane (PDMS) microfluidic channel, with peri-
odic trenches and ridges on the floor of the channel to promote 
mixing. Around the same time, the group of Langer developed 
a pattern-tunable microvortex platform for the mass produc-
tion and size control of lipid-polymer hybrid nanoparticles.[78] 
The platform involves the formation of symmetric microvor-
tices at the intersection of three inlets (i.e., two flanking inlets 
introducing lipid and lipid-PEG dissolved in 4% ethanol/water, 
and one central inlet introducing PLGA dissolved in acetoni-
trile). These microvortices promote the rapid mixing of the 
lipid excipients with PLGA, followed by nanoprecipitation and 
the formation of the nanoparticles. The microvortex formation 
was regulated through careful prediction and manipulation of 
the 3D fluid flow patterns. Using this approach, they reported 
that the resultant nanoparticle size can be controlled with high 
productivity and low polydispersity by adjusting the flow rates, 
particularly by varying the Reynolds number between 30 and 
150. In a subsequent development, Valencia et  al. developed a 
fully integrated microfluidic platform with a multi-inlet micro-
mixer for programmable and systematic mixing of large quanti-
ties of precursors to make nanoparticles.[79] The platform was 
successful in synthesizing nanoparticles with a wide range of 
properties by combining 15 different precursors in different 
ratios, achieving 45 different formulations with different sizes 
and surface compositions. Taken together, the obvious advan-
tages of flow-based platforms offered by microfluidics within 
the context of preparing nanoparticle-based delivery systems 
have led to the realization of the importance of rapid mixing, 
and further development of microfluidic mixing technologies 
thus followed suit to expand its capabilities.[80]

2.3.3. Microfluidic Mixing Architectures

Due to their nonpolar tails, lipids readily dissolve in ethanol 
but not in aqueous solvent. The addition of lipids dissolved in 
ethanol to an aqueous buffer containing nucleic acids results 
in the formation lipid bilayer structures upon hydration, which 
subsequently interact with the nucleic acids to form small mul-
tilamellar liposomes with nucleic acids sandwiched between 
the bilayers. Based on this principle, LNPs are formed when 
there is a rapid increase in polarity within the bulk environ-
ment when two miscible phases combine (e.g., when lipids 
dissolved in an organic solvent are rapidly introduced to an 
aqueous buffer). This occurs through the supersaturation of 
lipid molecules, which leads to their self-assembly to form 
LNPs[81] (Figure  4A). Along this line, it is important to note 
that in order for the multilamellar bilayers to efficiently trap 
the nucleic acids, the ethanol concentration must be near the 
region of breakdown of the liposomal structure.[16c] In other 
words, while increasing the concentration of ethanol leads to 
higher nucleic acid entrapment, it also leads to a higher degree 
of membrane destabilization. Hence it has been found that 

dilution of the ethanol/buffer mixture to around 25% ethanol is 
typically ideal for the formation of LNPs with good encapsula-
tion efficiency and sufficient stability.

In microfluidic channels, the Reynolds (Re) number is 
usually smaller than 1, which means that the concentration 
of lipids in the organic solvent is dominated by molecular 
diffusion. Based on this principle, microfluidic mixing archi-
tectures have been developed with the aim of enhancing the 
mixing efficiency and attain a uniform population of LNPs 
while achieving excellent entrapment of the nucleic acid 
payload.[18c,82] Microfluidic mixing can be broadly categorized 
into passive and active mixing; passive mixers solely rely on 
the geometry of the microfluidic channels while active mixers 
control the flow of sample solutions by electrohydrodynamic 
disturbances. Within the context of LNP fabrication, most 
micromixers can be categorized as passive mixers. Some 
examples of advanced passive micromixers used for LNP 
production include the T-junction mixer, staggered herring-
bone micromixer (SHM), hydrodynamic flow focuser (HFF), 
bifurcating and baffle mixers (Figure 4B). These micromixers 
differ in their 3D structure and induce rapid mixing between 
the organic and aqueous phases in a controlled environment 
through different mechanisms.

T-Junction Mixer: T-junction mixing is a rapid mixing 
method where input streams are introduced directly opposite 
to each other at very high flow rates (i.e., 40–60  mL min−1), 
with a perpendicular output.[83] When the aqueous phase con-
taining nucleic acids and organic phase containing lipids are 
introduced as inputs, the collision of the input flows results in 
turbulent mixing, resulting in the formation of nucleic acid–
LNPs. It has been found that the particle size can be reduced 
by increasing the flow rates. Likewise, increasing the flow rates 
also resulted in significant improvements in the polydispersity 
index (PDI), which is an indication of the size distribution.[83a] 
However, as T-junction mixing is operated at high flow rates, it 
is not a preferred method especially in the laboratory where the 
reagents for high throughput screening need to be conserved. 
Hence, T-junction mixing is favored for large-scale production 
of siRNA–LNPs.

Staggered Herringbone Micromixer (SHM): The staggered 
herringbone micromixer architecture was introduced by 
Stroock et al. as a passive mixing method for steady pressure-
driven flows in microchannels at low Reynolds number.[84] It 
comprises a series of asymmetric protrusions, which mix sol-
vents based on chaotic advection. Within the context of LNP 
production, the characteristic diffusion length between the 
organic lipid and nucleic acid–aqueous streams is significantly 
reduced. This allows controllable mixing to occur faster (i.e., 
in the millisecond scale) than the characteristic timescale for 
lipids to aggregate, hence producing LNPs with uniform sizes. 
Unlike T-junction mixing, microfluidic devices with SHM are 
suitable for mixing small quantities of input solutions, hence 
making them ideal for screening applications in the laboratory. 
Nevertheless, scale-up can be achieved through parallelization 
of microfluidic chips.[85] For example, high production rates of 
LNPs up to 72 mL min−1 have been achieved by incorporating 
six sets of SHM in a single microfluidic device.[86] Most notably, 
SHM devices were commercialized by Precision NanoSystems 
in their first-generation NanoAssemblr platform.
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Hydrodynamic Flow Focuser (HFF): Hydrodynamic flow 
focusing (HFF) was first reported by Jahn  et  al. and involves 
the continuous-flow hydrodynamic focusing of the organic 
phase (i.e., lipids dissolved in organic solvent) by the aqueous 
phase.[87] Typically, a central stream introduces the organic 

phase, which is pinched by two aqueous streams. These flows 
are laminar, which results in a well-defined interface between 
the two phases where interfacial forces can be carefully tuned 
by adjusting the operating parameters. Two main operating 
parameters are the total flow rate (TFR) of the two phases and 

Figure 4.  Self-assembly process of LNPs within microfluidic systems. A) The self-assembly process of nucleic acid–LNPs in a microfluidic mixer begins 
when lipid excipients (i.e., ionizable lipid, PEG lipid, helper lipid, and cholesterol) dissolved in ethanol are rapidly mixed with the nucleic acid payload 
(e.g., siRNA, mRNA, etc.) dissolved in an aqueous buffer. This initially occurs at a low buffer pH whereby the ionizable lipid will assume a protonated 
form and bind, via electrostatic interactions, to the negatively charged backbone of the nucleic acid. Concurrently, the increasingly polar environment 
drives the formation of vesicles and the encapsulation of the nucleic acid. As the mixing progresses, and with increasing buffer pH, the ionizable lipid 
becomes increasingly neutral, leading to the fusion of adjacent vesicles to form the interior core of the LNP. The extent of vesicle fusion is influenced 
by the amount of PEG lipid added due to its hydrophilicity as well as steric effects. Adapted with permission.[81] Copyright 2021, MDPI Publishing. 
B) Major microfluidic mixing architectures for LNP formulation (top to bottom): T-junction mixer, staggered herringbone micromixer, bifurcating mixer, 
and baffle mixer. C) The effect of varying flow rate on the mixing profile of ethanol (red) and water (blue) within a baffle mixer, visualized through a 
computational fluid dynamics simulation. Adapted with permission.[89] Copyright 2018, American Chemical Society. D) A diagrammatic representation 
of an example of microfluidics parallelization, showing (from top to bottom) the arrangement of mixing channels, each mixing unit, and each mixing 
cycle within a parallelized microfluidics device, which adopts the staggered herringbone architecture. Evaluation of the in vivo delivery performance 
of E) siRNA–LNPs and F) mRNA–LNPs obtained using the parallelized device compared to bulk mixing. The evaluation was performed by means of 
administering to mice. The mRNA encodes for luciferase and the in vivo delivery performance was evaluated by directly visualizing the luminescence 
from selected regions of the mice. The results clearly show that the in vivo delivery performance of nucleic acid–LNPs obtained via microfluidic mixing 
is superior to those obtained via bulk mixing. D–F) Adapted with permission.[85] Copyright 2021, American Chemical Society.
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the flow rate ratio (FRR) between the two phases. Both param-
eters influence the width of the central stream, which is repre-
sentative of the degree of hydrodynamic focusing. Since LNP 
formation is based on a reduction in lipid solubility at the inter-
face between the two phases, the size and size distribution of 
the resultant LNP are dependent on diffusion, which is influ-
enced by the degree of hydrodynamic focusing. Specifically, it 
was found that increasing the FRR can reduce the LNP size 
while attaining narrower size distribution, and higher TFRs 
resulted in larger LNPs only at low FRRs.

Bifurcating and Baffle Mixers: Motivated by the commercial 
success of SHM devices for the production of LNPs, Precision 
NanoSystems later introduced the NxGen, which is a micro-
mixing architecture consisting of a sequence of bifurcating 
mixers for scalable, nonturbulent mixing.[88] Briefly, the organic 
and aqueous phases containing lipids and nucleic acids, respec-
tively, are introduced from two pronged inlets that merge into 
a single flow. Downstream, a series of toroidal mixers promote 
chaotic advection to the merged stream. The stream initially 
splits upon entry into the first toroidal mixer and travels dif-
ferent path lengths before merging again. This process, which 
induces rapid mixing in a single layer by centrifugal force, is 
repeated a few more times leading to the formation of nucleic 
acid–LNPs with higher encapsulation efficiency and reproduci-
bility compared to SHM. More importantly, it allows production 
rates to be increased by up to 25-fold. A similar architecture 
that operates based on a similar principle is the baffle mixer. 
In baffle mixers, the organic and aqueous phases are also intro-
duced from two pronged inlets that merge into a single flow. 
However, instead of having a series circular, toroidal mixtures, 
it comprises sharp perpendicular turns to induce chaotic advec-
tion. Baffle mixers can produce LNPs with controllable sizes in 
the range of 20–100 nm, by varying the TFR, FRR, and device 
dimensions (Figure 4C).[89] Taken together, both bifurcating and 
baffle mixers are single-layer mixing architectures, which serve 
as excellent alternatives to SHM and HFF for LNP production.

Each of the abovementioned approaches has their advan-
tages and limitations. For example, while the conventional 
method of lipid film hydration followed by extrusion is easy to 
perform, it is a time-consuming multistep production process 
with relatively low encapsulation efficiencies (≈40–60%). The 
crossflow injection method is highly suitable and is already in 
use for large-scale production in the industry but is less suited 
for laboratory-scale research. On the other hand, microfluidic-
based approaches allow controlled mixing and generally result 
in relatively high encapsulation efficiencies. For example, the 
T-junction and HFF methods can produce uniform LNPs, 
has broad solvent compatibility and can achieve high encap-
sulation efficiencies (≈70%). The SHM method can produce 
highly uniformed particles with a polydispersity index of less 
than 0.1. In addition, the encapsulation efficiency of the SHM 
method is very high (>95%). However, due to the architecture 
of the mixture, SHM is prone to clogging within the channel. 
All microfluidic approaches require parallelization for scale-up 
(Figure 4D). Nevertheless, parallelization has shown to improve 
in vivo delivery for siRNA (Figure  4E) and mRNA (Figure  4F) 
In conclusion, compared to conventional preparation methods, 
the advent of microfluidics especially with the development 
of microfluidic mixing architectures has offered better control 

over the production process of LNPs leading to LNPs with 
greatly improved physicochemical properties and encapsula-
tion efficiencies. More importantly, microfluidics has paved the 
way for more rapid screening of LNP formulations and scale-
up manufacturing, as well as the prospect of automated LNP 
synthesis.[90]

2.4. Applications

A better understanding of the structure–function relationship, 
as well as improvements in the design principles and platform 
development has enabled the exploration of LNPs for use in dif-
ferent clinical applications. Conversely, the promise of LNPs as 
delivery systems in certain applications has driven the refine-
ment of their design principles and platform development. In 
the following subsections, we will review how two main appli-
cations, namely RNAi therapy and mRNA-based vaccines for 
COVID-19, have led to the progress of LNPs.

2.4.1. RNAi Therapy

The development of LNPs was originally motivated by RNA 
interference (RNAi) therapy.[91] RNAi refers to a fundamental 
cellular mechanism for silencing gene expression, which can 
be harnessed for reducing the expression of pathological pro-
teins and therefore exploited as a novel therapeutic approach.[92] 
In brief, it relies on the specific binding and silencing of thera-
peutic targets by means of introducing siRNA molecules.[93] 
While the therapeutic mechanism is very promising since the 
approach can reversibly silence any gene, the effective delivery 
of siRNA proved to be challenging.[83b,94]

LNPs were developed as an alternative to viral vectors 
and represent the most advanced non-viral vector for gene 
delivery.[55c,95] Nevertheless, formulation optimization had to 
be conducted rigorously to achieve maximum siRNA encap-
sulation and transfection efficiencies.[55b,96] These studies had 
been largely facilitated by the advent of microfluidics.[17b,85,95,97] 
For example, Chen  et  al. demonstrated the utilization of con-
trolled microfluidic formulation leading to the rapid discovery 
of potent siRNA–LNPs.[70] In the industry, the success of RNAi 
can be attributed to T-junction mixing, which enabled the pro-
duction of stable siRNA–LNPs that are capable of potent knock-
down of Apolipoprotein B (ApoB) in non-human primates.[83b] 
This is a prominent study as it represents one of the earliest 
reports highlighting the effectiveness of RNAi in a large animal 
study, revealing the significant reduction of ApoB mRNA and 
protein even beyond 10 days. Separately, Merck & Co. also 
adopted a similar approach by employing T-junction mixing 
to produce siRNA–LNPs targeting the murine gene Ssb.[83a] 
Likewise, they were successful in reducing the target mRNA 
levels in vivo by over 80%. Undoubtedly, microfluidic devices 
have proven beneficial for formulation optimization within the 
context of siRNA–LNPs, as they allow mixing of small amounts 
of reagents, which is ideal for screening lipid structures with 
minimal wastage. In addition, LNPs produced using micro-
fluidic devices are typically smaller, and more uniform, than 
those produced via bulk preparation techniques. This has led 
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to the discovery of novel lipid structures for potent hepatic 
gene silencing in vivo. In addition, with the ability to carefully 
tune the mixing rates between the organic phase containing 
the lipids and the aqueous phase containing the nucleic acids, 
the size of the LNPs can be better controlled to understand the 
effect of LNP size to gene silencing performance. For example, 
the use of high flow rates to produce small LNPs corresponded 
to better gene silencing capability compared to the use of low 
flow rates, which produced large LNPs. All these advances are 
critical in the effort to overcome outstanding challenges in the 
delivery of LNPs. For example, while an siRNA–LNP formula-
tion has been established and developed into an FDA-approved 
prescription medicine (i.e., known as patisiran and marketed as 
ONPATTRO, NCT02939820) to treat polyneuropathy in people 
with hereditary transthyretin-mediated amyloidosis, clinical 
trials led by Roche/Ionis Pharmaceuticals (NCT03761849) and 
WAVE Life Sciences/Takeda (NCT04617847 and NCT04617860) 
to explore similar approaches with LNP candidates for treating 
Huntington’s disease are ongoing.

2.4.2. mRNA Vaccine for COVID-19

The translation of mRNA–LNPs to the clinic had been recently 
realized in the form of mRNA vaccines against COVID-
19.[10a,36a,98] This development not only highlights the benefits of 
mRNA-based vaccines but also establishes the biocompatibility 
of LNPs as a delivery vehicle.[99] While the success accelerated 
by the COVID-19 pandemic was unprecedented considering 
there had been only one FDA-approved LNP-based siRNA drug 
(i.e., ONPATTRO) prior to that,[100] it was not entirely surprising 
considering an extensive amount of effort has been put in to 
understand the structure-function relationship and improve 
the performance of LNPs over the last decade. Such collective 
efforts have facilitated the quick adoption of LNPs, which was 
initially largely developed for siRNA, to incorporate mRNA pay-
loads instead. As discussed in the previous sections, the evolu-
tion of design principles and platform development play critical 
roles in incrementally improving the design and manufacturing 
of potent LNPs, culminating in the maturity of the LNP-based 
delivery systems that meet the requirements of good manufac-
turing practice and safety. Key milestones that contributed to 
the realization of LNP-based mRNA vaccine include the intro-
duction of ionizable lipids as well as the development of micro-
fluidics and advanced micromixing architectures. In particular, 
microfluidic platforms that offer high degrees of parallelization 
for large-scale manufacturing (e.g., Precision NanoSystems’ 
NanoAssemblr platform) have played a pivotal role in ensuring 
the clinical success of mRNA–LNPs. In addition to the avail-
able COVID-19 vaccines (NCT04470427, NCT04368728, etc.), 
other LNP–mRNA vaccines against influenza (NCT03076385 
and NCT03345043), Zika virus (NCT04064905), rabies virus 
(NCT03713086), and multiple other viruses are currently under-
going human clinical trials.

With the establishment of such platforms, LNPs containing 
mRNA as well as other types of nucleic acids continue to be 
explored for other therapeutic applications and following 
other routes of administration.[101] For example, Dahlman and 
co-workers recently optimized the formulation of LNPs so that 

mRNA can be delivered to the lungs in the form of nebulized 
aerosols.[64b] Based on all the data gathered via a cluster-based 
screening approach, they found that PEG lipids are critical in 
attaining stable LNPs. Furthermore, nebulized mRNA delivery 
can be improved with the use of cationic helper lipids and a 
higher molar fraction of PEG, and more PEG is needed for for-
mulations with cationic helper lipids than those with neutral 
lipids. The resultant LNPs optimized following their approach 
exhibited greater structural stability after nebulization, as 
opposed to LNPs designed for systemic delivery. In essence, 
their work demonstrated the possibility of adopting nucleic 
acid-based LNP delivery systems for developing therapeutic 
application following different routes of administration, at the 
same time revealed that formulations developed for systemic 
delivery cannot be simply adopted for inhalation, which under-
scores that the importance of formulation optimization.

3. Lipoplex

While LNPs are fabricated by direct coassembly of ionizable 
lipids, helper lipids, PEGylated lipids, sterols, and nucleic acids 
during solvent mixing, another intriguing lipid nanoarchi-
tecture for delivery applications involves the aqueous-phase 
mixing of preformed liposomes with nucleic acids, termed 
“lipoplexes.” The lipoplex strategy evolved from early efforts[102] 
to encapsulate nucleic acids into liposomes composed of ani-
onic and zwitterionic lipids through passive loading, which 
faced challenges such as low efficiency in terms of nucleic acid 
entrapment and delivery.[34a,103] Although negatively charged 
liposomes may reduce the leakage of contents with increased 
stability and protection, inefficient entrapment (ranging 
2%–50% with the highest efficiency obtained by the freeze/
thawing procedure[34a]) due to the repulsion between the mem-
brane and nucleic acid was the major concern of encapsula-
tion method.[104] To enhance interactions between liposomes 
and nucleic acids, cationic lipids have been utilized in order to 
facilitate electrostatic attraction with negatively charged nucleic 
acid molecules.[105] As a result, passive loading of nucleic acids 
into liposomal interiors is not required, and instead electro-
static interactions between liposome surfaces and nucleic acids 
spontaneously drive lipoplex self-assembly. The first lipoplex 
demonstrations utilized liposomes composed of cationic and 
zwitterionic lipids that were mixed with pDNA[106] or mRNA[107] 
and exhibited superior transfection efficiency (especially with 
RNA transfection yielding 100- to 1000-fold more) with less 
cytotoxicity compared to a polymer-based delivery vehicle, a 
diethylaminoethyl (DEAE)-dextran complex, that was tested in 
parallel.

Motivated by these pioneering studies, lipoplexes have 
emerged as a powerful platform technology that can potentially 
take a single liposome formulation and mix it with different, 
customizable nucleic acids to create distinct lipoplex options for 
various applications. Indeed, while LNPs incorporating ioniz-
able lipids have demonstrated high practical utility for mRNA 
vaccine applications, lipoplexes have reached human clinical 
trials for applications such as cancer therapy.[108] Even so, there 
continue to be key issues related to the cationic lipid design 
along with paired neutral lipid choice, processing parameters, 
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and the corresponding influence on the nanoparticle’s architec-
ture and delivery functionality. In this section, we cover these 
design points and also discuss selected cases that directly com-
pare the performance of LNPs and lipoplexes.

3.1. Nanoarchitecture Design Principles

3.1.1. Lipid Composition

The composition of a lipoplex is defined by two lipid types:  
1) cationic lipid and 2) neutral (helper) lipid. As with LNPs, in 
lipoplexes, cationic lipids mainly interact with nucleic acids while 
neutral lipids influence self-assembly properties and assist with 
conferring particle stability. A noteworthy distinction is that the 
majority of cationic lipids used in lipoplex formation are perma-
nently charged, meaning that pKa is larger than 8 (or without 
pKa), while a few cases feature slightly ionizable lipid-like charac-
teristics (e.g., DC-Chol, DODMA, multivalent cationic lipids, etc. 
that are discussed below). Hence, the stability and efficiency of 
the complex are highly dependent on the neutral lipid choice and 
molar charge ratio (N/P, cationic lipid-to-nucleic acid ratio). It 
is also worthy to note that the transfection efficiency might vary 
depending on the cell types, and there are several comprehensive 
studies comparing commercially available transfection reagents 
such as Lipofectamine, RNAiMAX, and Lipofectin.[109]

Cationic Lipid: Cationic lipids incorporated in lipoplexes 
should be able to capture the nucleic acid, maintain stability 
before entry, facilitate cellular entry (via fusion or destabili-
zation), and subsequently release nucleic acids in the target 
cell.[110] Lipid structures can be divided into three functional 
units consisting of a hydrophilic headgroup, hydrophobic tail, 
and linker, connecting the former two moieties. Modifying 

each element can affect the stability (compaction with nucleic 
acid), disassembly, and phase behavior of the lipoplex, which 
have been extensively discussed.[111] Depending on the tail 
group, cationic lipids can be categorized into aliphatic chains or 
cholesterol-based derivatives while the majority of headgroups 
are composed of permanently positively charged, quaternary 
ammonium or amines and their derivatives (Figure 5).

The first cationic lipid used to form a DNA lipoplex 
was 1,2-di-O-octadecenyl-3-trimethylammonium propane 
(DOTMA), which is a double-chain quaternary ammonium 
with ether bonds. One of the major commercial transfection 
reagents, Lipofectin, is based on DOTMA/DOPE (1/1 mol%) 
composition and is recommended to deliver nucleic acids to 
endothelial cells.[112] Since then, several other related com-
pounds with aliphatic chains were developed to improve trans-
fection efficiency and reduce cytotoxicity. 1,2-dioleoyl-3-trimeth-
ylammonium-propane (DOTAP) with ester bonds,[113] dimethyl-
dioctadecyl ammonium bromide (DDAB), and single-chain 
lipid, cetyltrimethyl ammonium bromide (CTAB), were subse-
quently utilized to fabricate lipoplexes while the most widely 
used cationic lipids have remained DOTMA and DOTAP.

Based on these lipids, various derivatives were also developed 
by replacing the methyl group with the hydroxyethyl group, 
leading to lipids such as 1,2-dioleoyl-3-dimethyl-hydroxyethyl 
ammonium bromide (DORIE) and 1,2-dioleoyloxypropyl-3-di-
methyl-hydroxyethyl ammonium chloride (DORI) that demon-
strated enhanced compaction of nucleic acids with lipids.[110b,111b] 
Aside from dioleoyl derivatives, dimyristoyl compounds were 
recognized later to display higher transfection efficiency, leading 
to the development of another commonly used cationic lipid, 
1,2-dimyristyloxypropyl-3-dimethyl-hydroxyethyl ammonium bro-
mide (DMRIE), which is currently used in clinical-stage lipoplex 
formulations together with DOTAP and DOTMA.[114]

Figure 5.  Lipoplex components and nanoarchitecture organization. Schematic illustration of the lipoplex and molecular structures of the cationic lipids 
and neutral lipids.
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Furthermore, multivalent cationic lipids have gained atten-
tion by showing higher transfection efficiencies due to their 
ability to condense nucleic acids more tightly and to par-
tially ionize to act as a buffer to better protect the nucleic 
acid from degradation compared to their monovalent coun-
terparts.[115] For example, another widely used transfection 
agent, Lipofectamine, is based on polycationic 2,3-dioleyloxy-
N-[2(sperminecarboxamido)ethyl]-N,N-dimethyl-l-propana-
minium trifluoroacetate (DOSPA) and DOPE at a ≈2.2:1 molar 
ratio and is often considered a benchmark composition for 
evaluating transfection efficiency.[116] Another advantage mul-
tivalent lipids might confer is their high efficiency to capture 
nucleic acid with a lower amount of lipid (lower N/P) compared 
to the monovalent ones.[117]

On the other hand, cholesterol derivatives such as 
3β-[N-(N′,N′-dimethylaminoethane)carbamoyl]-cholesterol 
hydrochloride (DC-Chol) are another popular class of cationic 
lipids used in lipoplexes.[118] As cholesterol itself is commonly 
used as a neutral, helper lipid in lipoplex formation to increase 
membrane packing by embedding its bulky steroid moiety 
between hydrophobic tails of neighboring lipids, the addi-
tion of a cationic moiety in cholesterol derivatives was found 
to exhibit superior performance, enabling delivery of nucleic 
acids into various cell types in vitro and in vivo.[59b,119] Also, 
DC-Chol contains a carbamate linker and a tertiary amine with 
a relatively low pKa value (50% charged in buffer[120]) compared 
to other permanently charged lipids, providing higher biodegra-
dability and aiding the efficient release of nucleic acid.[121] Due 
to these advantages, a DC-Chol and pDNA lipoplex formulation 
has been shown to exhibit low toxicity upon local or systemic 
administration and has entered clinical trials for the treatment 
of genetic disorders and cancer along with its multivalent deriv-
ative with spermine, N4-cholesteryl-Spermine (Genzyme lipid 
67, GL67).[114b,122]

Typically, ionizable lipids used in lipid nanoparticle formula-
tion possess apparent pKa less than 7 in order to exhibit posi-
tive surface charges at acidic (endosomal) pH while neutral 
charges at physiological pH. Abovementioned DC-Chol and 
2-dioleyloxy-N,N-dimethyl-3-aminopropane (DODMA) possess 
pKa value around 8, offering pH-dependent nucleic acid and 
lipid interactions.[121,123] For example, DODMA molecules rear-
range toward the hydrophobic region of the bilayer at high pH, 
offering an increased flip-flop rate that might affect the fusion 
process.[123] As ionizable lipids may offer more efficient endo-
somal escape by membrane rearrangement upon contact with 
anionic lipid membrane, there were several efforts to discover 
efficient ionizable lipids that can be used without a neutral lipid, 
leading to a development of a series of aminoglycoside deriva-
tives that exhibit higher stability and smaller mean diameters 
compared to cationic lipid-based lipoplexes.[124] Other efforts 
include an ionizable lipid based on vitamin E-scaffolds[125] and 
α-amino-lipophosphonates to target dendritic cells.[126]

Neutral Lipid: Neutral lipids have many useful functions as 
part of lipoplex compositions, including assisting with forma-
tion-related phase changes and reducing interparticle aggrega-
tion. While certain cationic lipids forming lipoplexes without 
neutral lipids can be functional to deliver nucleic acids, appro-
priate inclusion of neutral lipids such as DOPE and/or choles-
terol can significantly improve the stability and the transfection 

activity of lipoplex.[127] Thus, neutral lipids in lipoplex are also 
called “co-lipids,” functioning similarly to “helper lipids” in 
LNP excipients. Interestingly, the choice of neutral lipids might 
significantly enhance or hamper the transfection efficiency. 
For example, DOTMA,[106,110b] DOTAP,[128] and DC-Chol[129] 
have shown that the incorporation of DOPE largely augmented 
transfection efficiency whereas DOPC hampered the nucleic 
acid delivery both in vitro and in vivo.[130] These propensities are 
closely related to the geometry of lipids and in turn, the archi-
tectural configuration of lipoplex that will be more discussed in 
the next Section 3.1.2.

Cholesterol is another widely used neutral lipid[131] aiding col-
loidal stability of lipoplex and participating in membrane fusion 
by promoting contact sites for lipid mixing and expanding the 
pore induced by fusion.[132] Also, its inclusion in lipoplex has 
shown higher resistance to serum-induced aggregation and 
protein binding, which may explain enhanced transfection.[133] 
Indeed, a quantitative analysis performed by replacing DOTAP 
lipids with cholesterol (or DOPE) showed reduced affinity 
of negatively charged plasma proteins that might be respon-
sible for protein corona formation.[134] Interestingly, the choice 
between cholesterol and DOPE may vary depending on the 
tail group of cationic lipid.[135] When various chain lengths of 
lipids were tested with an equimolar ratio of either cholesterol 
or DOPE inclusion, the highest effects were observed with sat-
urated 14 carbon or 12 carbon chains, respectively, while both 
neutral lipids boosted the transfection efficiency compared to 
cationic lipid alone.[136] Therefore, it should be noted that the 
selection and optimum mole fraction of cationic and neutral 
lipid depend on the lipid types, possibly N/P charge ratio, types 
of nucleic acid, and cells.

3.1.2. Architectural Configuration

The architectural configuration of lipoplex is closely related to 
the phase behavior governed by several factors such as types of 
lipids, the composition of cationic lipids, and N/P charge ratio. 
Despite recent clinical achievements, the structure–activity 
relationship of lipoplex continues to be unraveled and func-
tional optimization is often based on empirical approaches. 
To improve clinical performances, it is vital to understand the 
physicochemical properties affected by different parameters. 
The supramolecular structure of lipoplexes depends on the 
participating components’ intrinsic properties such as their 
geometry and other environmental (extrinsic) factors as well as 
the balance between electrostatic interaction (headgroup) and 
repulsive force driven by hydrophobic domain upon the addi-
tion of nucleic acid.[137]

The most common structures are lamellar phase ( α
CL ) and 

inverted hexagonal phase ( II
CH ), which can also be referred to 

external and internal model, respectively, depending on the 
relative orientations of nucleic acid (Figure 6A).[138] Safinya pio-
neered early studies (and continue to explore more) of supra-
molecular structures of lipoplexes.[139] Initiated by applying 
the small-angle X-ray scattering (SAXS) technique to a mix-
ture of two cylindrical-shaped lipids, DOTAP/DOPC lipoplex, 
a lamellar phase composed of multiple sheets of bilayers was 
discovered (Figure  6B).[140] SAXS measurements show that 
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the DNA monolayers are sandwiched between cationic mem-
branes with an interlayer spacing of 6.4 nm (≈4 nm of bilayer 
and ≈2.4  nm of water spacing with intercalated DNA) in an 
equimolar fraction case, and the spacing varied with the molar 
fraction of lipid molecules as the bilayer thickness changed 
due to the different length between DOPC and DOTAP.[139] 
Interestingly, the spacing between DNA was relevant to the 
membrane charge density as indicated by the arrows: the 
spacing increased as the membrane charge density decreased 
(increasing DOPC fraction). A cryo-EM image in the absence 
of DNA shows enclosed liposomes with an equimolar composi-
tion of DOTAP/DOPC (Figure  6C).[130] When the nucleic acid 
is added, these liposomes transform into a layered structure to 
accommodate nucleic acid molecules.[130]

Soon after verifying lamellar phase, the same group also 
identified inverted hexagonal phase ( II

CH ) when the inverted 
cone-shaped DOPE was included (Figure  6D).[141] With 

increasing DOPE mole fraction in DOTAP/DOPE lipoplex from 
0.26 to 0.70, SAXS scans showed that the internal structure of 
the DOTAP/DOPE lipoplex changes from α

CL  to something else, 
which was defined as II

CH  with a diameter of ≈2.8 nm embed-
ding DNA within a lipid monolayer arranged in a hexagonal lat-
tice (Figure 6E).[139] Of note, when much smaller-sized siRNA is 
entrapped instead of DNA, the peaks in SAXS may appear less 
obvious (meaning less orientation) because of the higher disor-
dered phase.[117] Cryo-EM analysis also showed that the distinct 
feature of equimolar DOTAP/DOPE with the coexistence of α

CL  
and II

CH  (Figure 6F).[130]

Although it is well known that particular II
CH  complexes 

(DOTAP/DOPE = 0.69) successfully delivered DNA, whereas 
similarly high fraction of DOPC-based lipoplex failed to deliver 
nucleic acids,[142] it should be noted that the architectural con-
figuration of lipoplex and biological functionality cannot be 
directly correlated.[106] In other words, lipoplexes with II

CH  do 

Figure 6.  Architectural configuration of lipoplexes. A) Schematic of the lamellar phase ( C
αL ) of DOTAP/DOPC lipoplex. B) SAXS scans of lipoplex at 

constant N/P charge ratio of 2.2 with increasing DOPC ratio. The arrows indicate the DNA peaks, whereby the spacing between DNA increase as the 
membrane charge density decreased. C) Cryo-EM images of DOTAP/DOPC lipoplex without/with nucleic acids. D) Schematic of the inverted hexagonal 
phase ( II

CH ) of DOTAP/DOPE lipoplex. E) SAXS patterns of the C
αL  and II

CH  of lipoplexes with increasing DOPE ratio. F) Cryo-EM images of DOTAP/DOPE 
lipoplex without/with nucleic acids. G) Coarse-grained molecular dynamics simulations to visualize the fusion mechanism between lipoplexes and 
endosomal membrane: i) free lipoplex complexed with dsDNAs approaches the endosomal bilayer; ii) stalk formation upon initial contact; iii) hemifu-
sion diaphragm; iv) membrane fusion with successful delivery of nucleic acids. H) Schematic of the hexagonal phase ( I

CH ) of lipoplex. B,E) Adapted with 
permission.[139] Copyright 2001, Elsevier. C,F) Adapted with permission.[130] Copyright 2001, American Society for Biochemistry and Molecular Biology. 
G) Adapted with permission.[146] Copyright 2020, eLife Sciences Publications Ltd.
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not always show higher transfection efficiency compared to the 
ones with α

CL , thus the phase is not a universal parameter to 
predict transfection efficiencies.[143] Also, the existence of serum 
can affect the outcome, in which membrane fusion is not a 
dominant factor, and lipoplexes with α

CL  phase outperformed the 
others.[144] Some studies have reported that the morphological 
changes or phase transitions from α

CL  to II
CH  upon lipoplex–cell 

membrane contact trigger better transfection efficiency, and a 
series of studies have attempted to optimize the cationic lipids 
by tuning their molecular structures.[145]

More recently, the interaction of lipoplex and negatively 
charged endosomal membrane has been computationally simu-
lated, interrogating key parameters such as lipid types (different 
headgroups and the extent of chain length and saturation), 
endosomal membrane composition, and sizes of lipoplex.[146] 
By using this approach, two alternative fusion pathways were 
suggested (Figure 6G, perpendicular and parallel) with a pos-
sible endosomal membrane composition dependency. Also, an 
unsaturated chain in a cationic lipid was found to be necessary 
for effective membrane fusion. It was also simulated that larger 
lipoplexes (≈30 nm) confer more thermodynamically stable self-
assembled structures than smaller ones (≈20 nm). For example, 
the highest amount of nucleic acid delivery was achieved for 
the unsaturated DOTAP/DOPE lipoplex compared to its satu-
rated counterparts, which can be explained by the decreased 
bending modulus of unsaturated lipids to favor the fusion.

About a decade after the II
CH  report, continuous efforts 

revealed another representative phase called hexagonal ( I
CH ) 

structure based on dendritic cationic lipid/DOPC lipoplex that 
was highly efficient in in vitro transfection (Figure 6H).[147] Due 
to highly charged (16+) bulky headgroups of dendritic lipid, 
the complex forms long micelle-like structure to surround the 
nucleic acid. The improved efficiency was ascribed to the effi-
cient packing of nucleic acid within lipoplex that can facilitate 
easier release of nucleic acid in cells. More recently, a concept 
of cuboplex has emerged, utilizing bicontinuous cubic phases 
(cubosome) made of glycerol monooleate (GMO), DOTAP, and 
GMO-PEG (97/2/1 mol%).[148] As marginal amount of cationic 
lipid inclusion suggests, the endosomal membrane interac-
tions of cuboplex is not governed by electrostatics but by elas-
ticity energetics, and possess intrinsic fusogenic properties to 
aid endosomal escape. Although cuboplex is largely different 
from conventional lipoplex composition, the development and 
structural characterization of this novel vehicle provide valuable 
insights how nanoarchitectonic approach can contribute to the 
advancement of lipid-based gene delivery technologies.

3.2. Platform Development

3.2.1. Lipoplex Manufacturing Considerations

One of the biggest advantages of lipoplex comes from the 
simplicity and flexibility of its fabrication, which takes two 
steps: 1) formation of cationic liposomes and 2) complexation 
with nucleic acid (Figure 7A). Liposomes can be prepared via 
traditionally known liposome production methods, ranging 
from simple rehydration of lipids, sonication, or ethanol injec-
tion; sophisticated monodisperse ones can be formulated by 

extrusion and microfluidics. In this section, a few considera-
tions while fabricating lipoplex (cationic liposome fabrication 
followed by nucleic acid complexation), their effects on func-
tional activities, and the importance of N/P charge ratio are 
critically discussed.

3.2.2. Liposome Fabrication

Liposomes are sphere-shaped lipid vesicles consisting of one 
(unilamellar) or more (multilamellar) lipid bilayers. When 
amphipathic lipids are hydrated, hydrophilic headgroups face 
aqueous phase whereas hydrophobic tail groups orient or aggre-
gate towards each other to form thermodynamically favored 
self-assembly structure. Therefore, the simplest liposomes can 
be fabricated by mechanically dispersing the lipid suspension in 
aqueous medium, which can be done by shaking or vortexing.

Largely, the preparation of methods can be divided into 
mechanical and organic solvent-assisted methods. Most of 
mechanical preparations start from lipid thin-film hydration 
as mentioned above, then subjected to further processing 
including sonication, freeze-thawing, and/or extrusion. Among 
them, sonication is the most used method to prepare liposomes 
for lipoplex formation even though its size distribution can be 
relatively larger than other processing methods.[149] From the 
first reported lipoplex fabrication to recent optimization studies, 
sonication has been widely used and proven effective even com-
pared to other methods.[106,145b,150] For more homogenous and 
smaller unilamellar liposome production, freeze-thaw and/or 
extrusion can be applied after lipid hydration or after mild soni-
cation. Freeze-thawing is adopted commonly to improve the 
encapsulation efficiency of molecules by expanding the inner 
water phase by ice crystal formation, which result in high pop-
ulation of unilamellar vesicles while physically disrupting the 
lamellar structure.[151] Extrusion can be accompanied to yield 
more homogenous particles, often using 200 nm filter to pro-
duce cationic liposomes. Ethanol injection is another widely 
used method to fabricate liposomes, which can be versatile and 
easy to scale up. In this method, the lipid–ethanol solution is 
injected into the aqueous phase (or vice versa), then ethanol 
is removed by rotary evaporation or dialysis to produce con-
centrated liposome suspensions.[152] The microfluidic method 
is a sophisticated improvement of ethanol injection that the 
mixing of organic and aqueous phases can be controlled by the 
interfacial diffusion of narrow microchannel, which has been 
described in the previous section. In lipoplex formation, micro-
fluidics can be used in either fabricating initial liposomes or 
mixing nucleic acid with liposomes, which will be discussed in 
the next section.

Multiple studies have compared the transfection efficiency 
of lipoplex formulated from different methods, whereby the 
reason of one’s performance is debatable whether it is due 
to the particle size and/or lamellarity, or other factors. Early 
studies have reported that the transfection efficiency is higher 
in large multilamellar liposomes (300–700  nm) formed by 
vortexing rather than in relatively smaller sized liposomes 
(<100  nm) formed by sonication (Figure  7B).[110b,120,153] Similar 
conclusion was drawn when the transfection efficiency of lipo-
plex was tested with or without serum as well.[154] On the other 
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Figure 7.  Platform development of lipoplex. A) Schematic illustrations of lipoplex formulation from cationic liposome formation to addition of nucleic 
acids. B) Comparison of transfection efficiency depending on the liposome preparation method. Vortexing and sonication were used to produce dominantly 
large multilamellar (red) and smaller (blue) liposomes, respectively. C) One-step formation of lipoplex assisted by a microfluidic device. The graph (right) 
shows the hydrodynamic diameter and polydispersity index of microfluidic-obtained and bulk mixing-prepared lipoplexes. D) Schematic representation to 
show that the N/P charge ratio largely affects the colloidal stability of lipoplexes, which can be presumed by their particle size (green line) and net surface 
charge (orange line). E) Lipoplexes formulated at various N/P ratios display a distinct instable range around N/P = 1, whereby the zeta potential is close 
to neutral. F) Bioluminescence imaging of BALB/c mice after intravenous administration of Luc-RNA-lipoplexes from panel E) at various N/P charge 
ratios. B) Adapted with permission.[135] Copyright 2010, Springer Nature. Panel C schematic is adapted with permission.[173] Copyright 2017 Elsevier. Panel 
C graph is adapted with permission.[165b] Copyright 2016 American Chemical Society. E,F) Adapted with permission.[169] Copyright 2016, Springer Nature.
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hand, ethanol injection method was reported to be equally or 
more effective than the dry-film method[155] and its efficiency 
proven in human clinical studies.[99d,156]

3.2.3. Nucleic Acid Complexation

During the formation of lipid-nucleic acid complex, the 
nucleic acid electrostatically binds to the cationic lipid by fast 
exothermic process, then subsequently rearrange/fuse into 
lipoplex by slower endothermic reaction.[157] While the first fast 
regime occurs instantly when the lipid and nucleic acid con-
tact, the kinetics of slow rearrangement and fusion-induced 
growth of lipoplexes largely depend on the mixing protocol. 
The mode of mixing can vary by the sequence of adding com-
ponents and whether the addition is bulk (one-step mixing by 
pipetting or vortexing) or titration (more than two steps). In 
permanently charged cationic lipid, the complexation solution 
conditions are generally maintained at physiological pH or in 
deionized water to facilitate strong electrostatic interactions 
between nucleic acid and lipids. Whereas excess electrolytes 
can shield and decrease the driving force of self-assembly of 
lipoplex when there was significant differences (1.5 m and 
0.15 m),[158] a direct link between transfection efficiency and 
solution conditions during the formation of lipoplex (mild salt 
concentrations or deionized water) remains controversial.[114b] 
However, in the cases of pH-responsive lipids such as DC-Chol 
and DODMA, slightly acidic or neutral buffer solution is pre-
ferred over deionized water to increase the payload and trans-
fection efficiency.[159]

One of the first studies comparing the order of addition of 
nucleic acid and lipids was reported by Zelphati et al. that the 
small, stable lipoplexes could be formed at high N/P charge 
ratio (which will be explained in the next section) by bulk-
adding the nucleic acids into the excess of liposomes while the 
opposite order produces large aggregates.[160] At low N/P charge 
ratio, the trend was reversed such that the addition of liposomes 
to the excess of nucleic acid could produce stable lipoplexes. 
This observation could be explained by titration approach.[161] 
During the nucleic acid addition into liposomes (in excess), 
nucleic acids come into contact with multiple liposomes, asso-
ciating at the interface of two (or more) liposomes at once. This 
interaction may generate asymmetrical stresses, leading to rup-
ture and aggregation of the lipoplex. In the opposite case when 
the liposome is added, the excess nucleic acids rapidly bind and 
wrap the surface of the cationic liposomes, forming a relatively 
stable complex until a critical point where liposomes bind to 
other ones that are already coated with nucleic acid. Then, the 
aggregates start to form, and the generated stress drives the 
rupture and growth of the particles. The former case might pro-
duce too large particle that can limit the transfection efficiency, 
but the latter case could inhibit the intimate lipid mixing and 
necessary structural rearrangements.[111a,162] Likewise, small 
variations in each step can result in largely different self-assem-
bled structure, thus care should be taken during formulation 
and optimization of lipoplex preparation. Of note, an optimal 
mixing method might vary depending on the nucleic acid types 
and concentration as well. For example, vortex-mixing resulted 
in better transfection efficiency than spontaneous mixing 

when the siRNA concentration was higher than a certain point 
whereas the opposite was true when N/P charge ratio was 
high.[163]

After presenting that the order of mixing can be a critical 
parameter influencing the complex behavior, Zelphati et al. from 
the same study proposed a controlled mixing method to mix 
both components simultaneously at a fixed ratio/speed with the 
aid of a syringe pump.[160] The optimal mixing rate was higher 
for the smaller liposomes, whereby the results were reproduc-
ible and more homogenous lipoplexes could be formed. This 
controlled mixing was further developed recently via micro-
fluidics to formulate the liposome as well as to complex with 
nucleic acids.[164] This method has demonstrated potential for 
controlling physical properties of liposomes including size dis-
tribution and lamellarity in precisely confined microenviron-
ment. Compared to the bulk mixing method, microfluidics 
generated lipoplexes with more homogenous and smaller sizes 
(Figure  7C).[145a,165] This feature might explain higher transfec-
tion efficiency in some cases, whereby about half number of 
stacked bilayers were needed (reduced amount of cationic lipid) 
to incorporate the same amount of nucleic acid.[165b]

Lastly, it is worthy to note that generalizing the effect of lipo-
plex size by comparing different literature should be avoided 
because multiple parameters involve in the final resulting 
aggregates such as lipid compositions, N/P charge ratio, 
nucleic acid, and reported transfection efficiency might vary a 
lot depending on the cell lines as mentioned above.[109c] Nev-
ertheless, large lipoplexes (up to a certain extent) feature wide 
range of contact area with cells and tend to form large intra-
cellular vesicles after endocytosis, which are more susceptible 
to release the nucleic acid.[144,166] Consequently, the transfection 
efficiency also depends on whether a particular cell dominantly 
uptake particles by endocytosis.[144] While most of the men-
tioned studies were conducted in vitro, the physicochemical 
properties of lipoplex might be more pronounced in the in vivo 
experiments because cellular uptake of nanoparticles is strongly 
dependent on their size and surface charge.[167] Generally, the 
mean diameter of lipoplex particles that have entered clinical 
trials ranged 100–500 nm.[114b]

3.2.4. Charge Ratio (N/P)

The charge ratio (N/P) denotes the molar ratio between cati-
onic moieties, such as protonatable nitrogen (N) atoms of 
the lipid headgroup, and the anionic charges brought by 
the phosphate (P) groups of the nucleic acids. Theoretically,  
N/P = 1/1 will result in the net charge of 0 but usually this point 
can be achieved empirically by a slight excess of either negative 
(nucleic acid) or positive charges (cationic lipid) due to steric 
hindrance and/or other geometrical constraints.[168] As N/P is 
the most easily tunable and dominant factor that directly affects 
the colloidal stability of the complex, examining its effect on 
colloidal stability is a prerequisite to optimize lipoplex formula.

From a functional perspective, too low N/P increases uncom-
plexed nucleic acid,[169] but too high N/P leads to increased cyto-
toxicity due to excess cationic lipids as mentioned above. With 
respect to stability, there are three main regimes depending on 
the N/P (Figure 7D,E). Starting from higher N/P (low amount 

Adv. Funct. Mater. 2022, 2203669



www.afm-journal.dewww.advancedsciencenews.com

2203669  (22 of 38) © 2022 Wiley-VCH GmbH

of nucleic acid), most particles are positively charged and repel 
each other because the population is dominantly cationic with 
a small part of lipoplexes. Upon adding more nucleic acid, lipo-
plexes become near to neutral surface charge (see zeta poten-
tial measurement) such that they start to aggregate because of 
colloidal instability.[160] With increasing nucleic acid, the lipo-
plex reaches again colloidally stable structure that is negatively 
charged with some uncomplexed or not sufficiently condensed 
nucleic acid molecules surrounding the particle.

The optimal N/P charge ratio might vary depending on the 
lipid choices and respective applications, ranging from >10 
for monovalent cationic lipids such as DOTMA to less than 1 
for multivalent GL67 or several DNA-complexed cases.[114b,170] 
Although negatively charged regime is often regarded as less 
effective considering the anionic cell membrane,[131a] in vivo 
studies have reported that Luc expression was predominant 
in the lungs of mice when the particle is positively charged 
whereas the gradual increase of nucleic acid can shift the tar-
geted organ to the spleens (Figure 7F).[169,171] Interestingly, not 
only the lead composition of DOTMA/DOPE, but also other 
combinations of lipids including cholesterol and DOTAP have 
led to exclusive targeting of spleen when the lipoplex was nega-
tively charged, prompting the selection of N/P = 0.65 condition 
for clinical testing.

To conclude the manufacturing considerations with per-
spective of scalable production, lipoplex-based gene delivery 
features a simple preparation step for liposome and a flexible 
choice of nucleic acid that can be complexed without aids of 
sophisticated devices or specific skills. All liposome produc-
tion methods have been established in depth, and fabrication 
methods except for microfluidics are quite straightforward and 
widely available, allowing us to scale-up the liposome manu-
facturing and to easily combine with commercially established 
protocols for nucleic acid production. Therefore, the flexibility 
regarding nucleic acid choice comes as a major advantage in 
utilizing lipoplex in “on demand” situations such as imminent 
viral outbreaks or personalized production of gene delivery 
vehicle.[168a] Furthermore, the qualities of liposome and nucleic 
acid can be separately screened prior to complex formation, 
which can minimize the contamination and enhance the batch-
to-batch reproducibility with lower cost.[172]

3.3. Current Applications and Future Possibilities

3.3.1. Cancer Vaccines

There has been intense interest in developing lipoplex as a vac-
cine that stimulates targeted immune response to treat cancer. 
Toward this goal, antigen-presenting cells such as dendritic 
cells (DCs) are ideal targets of lipoplexes to boost the immune 
response. Among the pioneering works, intravenously admin-
istered nonfunctionalized DOTAP/DOPE lipoplex has been 
developed for systematic targeting of DCs.[168a,169] The admin-
istration of lipoplex induced both adaptive and innate immune 
responses via antigen-encoding RNA.[169] Importantly, this 
study highlights that surface charge-dependent organ-targeting 
is achievable by simply tuning the N/P charge ratio. The site-
specific RNA expression from lungs to spleen was achieved 

when the N/P was 5–3 and 0.85–0.2, respectively (Figure 7F),[169] 
which is distinguishable from targeting function of neutral 
LNP mainly to hepatocytes.[174]

Additionally, lipoplex has been used as a vaccine specifically 
for treating melanoma with various nucleic acids such as pDNA 
or RNA.[99d,122b,175] For example, multiple nonmutated, tumor-
associated antigens were targeted by intravenously administered 
melanoma FixVac (BNT111-mRNA)-DOTMA/DOPE lipoplex, 
leading to the elevated cytokines such as IFN-α, γ, IL-6 with 
ex vivo CD8+ T-cell responses across different cancer types.[108] 
On the other hand, OVA-encoding mRNA–DOTAP/DOPE 
lipoplex induced a potent type I IFN response upon subcu-
taneous, intradermal, and intranodal injection, interfering 
with the generation of potent cytolytic T-cell responses.[176] 
When the antitumor effect of mRNA–DOTAP/DOPE lipo-
plex was compared with pDNA–lipoplex, mRNA–lipoplex 
showed higher lipofection efficiency than pDNA one.[177] 
Thus, mRNA–DOTAP/DOPE lipoplexes demonstrate great 
potential to treat cancer including melanoma in the context 
of cancer immunotherapy, gene, and vaccine therapy. Indeed, 
several human clinical studies are ongoing with lipoplex vac-
cines to treat melanoma (NCT02410733, NCT03897881, and 
NCT03480152), breast cancer (NCT02316457), advanced esopha-
geal cancer and (non-small cell) lung cancer (NCT03908671), 
or multiple tumors including pancreatic, colorectal and lung 
cancers (NCT03948763), whereby the lipoplex carriers include 
DOTAP/DOPE or DOTMA/DOPE compositions or a proprietary 
RNAiMAX composition. Both intravenous and subcutaneous 
administration routes have been utilized for lipoplex admin-
istration while emerging evidence shows that the administra-
tion route can critically determine whether mRNA–lipoplexes 
stimulate or inhibit type I interferon (IFN) immune responses 
based on a recent in vivo mouse study.[178] Promoting strong 
immune responses should also be balanced with safety con-
siderations, highlighting the potential of lipoplexes along with 
important translational needs for refining vaccination regimens 
and advancing mechanistic understanding of how administra-
tion route and dosing relate to immune responses.

3.3.2. Infectious Disease Vaccines

Likewise, lipoplexes can be utilized as a vaccine for infectious 
disease such as immunodeficiency syndrome caused by human 
immunodeficiency virus (HIV). Similar to the immunotherapy 
for cancer, DOTAP/DOPE lipoplex carrying mRNA encoding 
Gag protein modulated DCs to stimulate HIV-specific immune 
responses.[179] The same lipoplex system with HIV-1 antigen 
Gag-encoding mRNA produced antigen-specific functional  
T cells in spleens and lymph nodes, together with the immune-
activation characterized by the release of type I IFN.[180] Another 
inspiring example includes the parallel evaluation of lipoplex 
and LNP entrapping HIV-1 Env-encoding saRNA to compare 
the transfection efficiency in vitro (Figure 8A) and in vivo.[172] 
Strikingly, immunogenicity comparison of both formulations 
resulted in a distinctive trend that the cationic lipid-based lipo-
plexes (DDAB rather than DOTAP) achieved the maximum 
response of HIV IgG titers after a single dose whereas all LNPs 
showed the enhanced antibody response only after the second 
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Figure 8.  Possibilities of tuning the lipid compositions in conventional lipoplex or LNP compositions. A) Transfection efficiency of Luc-saRNA delivered 
by LNP/lipoplex under standard conditions without FCS ((−) FCS), with FCS ((+) 50% FCS), or with RNAse ((+) RNAse). B) Immunogenicity measured 
by antibody titers after IM injection of HIV-1 Env saRNA complexed to the LNP/lipoplex. C) Zeta potential measurements of mRNA lipoplexes with 
varying complexing lipids. D) Total protein expression mediated by C) lipoplexes within different cell subtype. E) Schematic representation showing 
selective organ targeting (SORT) strategy for tissue-specific nucleic acid delivery by adding different net charged lipid molecules to aim specific biodis-
tribution. A,B) Adapted with permission.[172] Copyright 2019, Springer Nature. C,D) Adapted with permission.[185] Copyright 2021, Elsevier. E) Adapted 
with permission.[38] Copyright 2021, National Academy of Sciences.
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injection (Figure 8B). This proof-of-concept study highlights the 
potential usage of cationic lipids with adjuvant properties such 
as enhancing humoral immune response and immunostimula-
tory effects in vivo.[181]

Recently, DNA-lipoplex vaccine was also developed for the 
treatment of SARS-CoV-2 utilizing saturated neutral lipid 
(DOTAP/DOPE/DPPC = 1/1/2 mol%) and low N/P charge 
ratio of 0.25 with highly negative net charge.[170a] The study 
selected intramuscular (IM) injection method and has proven 
its effective spike protein expression, neutralizing antibody 
responses, and T-cell activation comparable to the parallelly 
tested gold standard, intramuscular electroporation method. 
Similar trend was reported in the efforts to develop malaria 
surface protein-encoded pDNA-lipoplex vaccine (equimolar 
DOTAP/cholesterol), whereby the N/P of 0.33 (anionic) lipoplex 
performed higher immunogenicity in mice compared to the 
N/P of 3.33 (cationic) one when it was administered IM.[170b] In 
both cases with DNA-lipoplex, higher N/P triggered increased 
cytotoxicity while lower N/P displayed higher transfection, pre-
sumably because of the more efficient release of DNA from 
negatively charged lipoplexes (lower N/P) compared to the 
higher ones. Considering that DNA-based drugs can be stored 
at 2–8 °C for a few years and room temperature for 1 year,[182] 
efficient entrapment of DNA using lipoplex can improve the 
availability of the vaccine, avoiding costly frozen-state supply 
chain for existing mRNA vaccines.[183]

3.3.3. Lipid Nanoparticles versus Lipoplexes: Which One Is Better?

As the formulation and concept of LNP and lipoplex are dis-
tinctive, it is an immediate point of inquiry to consider which 
one works better and under what conditions. However, there 
have been a few direct comparison studies to address this 
point. In one example, Kubota  et  al. evaluated cationic lipid-
based LNP and lipoplex in conventional LNP composition 
(DODMA/DSPC/cholesterol/PEG-lipid = 50/10/38.5/1.5), using 
ethanol mixing and extrusion (50  nm-filtered), respectively, to 
compare their physicochemical properties as well as biological 
functionalities including particle characterization, transfection 
efficiency, and inflammatory cytokine response.[184] While both 
particles showed the maximum size at N/P = 5, lipoplexes were 
only slightly larger than LNP with ≈15  nm margin (117  and 
100  nm, respectively), which was probably attributed to the 
addition of PEG lipid and DODMA with low pKa that could be 
verified again by unilamellar structure of lipoplexes observed by 
cryo-EM images. While cellular uptake efficiency and inflam-
matory cytokine responses indicated LNP is more compatible 
with the given cell line, it should be noted that the selected 
composition was ideal for LNP formulation and not for lipo-
plexes as the entrapment mechanism of the latter one is mainly 
governed by electrostatic attraction on surface.

On the other hand, Blakney  et  al. have fabricated both 
ionizable and cationic lipid-based LNP and lipoplex with 
a conventional lipoplex formula (complexing/neutral 
lipid  =   35/65  mol%) to characterize physicochemical proper-
ties and biological activities.[172] Although both liposomes and 
LNPs were produced by microfluidics, all resulted particle sizes 
ranged 100–200 nm, which are quite larger than typical LNPs, 

postulating that the self-assembled structure of LNPs formed 
here is different from the one from classical composition with 
PEG lipids. Only ionizable lipid-based lipoplex showed negative 
surface charge, reflecting incompletely coupled saRNA due to 
the ionization of the lipid at physiological pH on surface, which 
later significantly affected the susceptibility to degradation, and 
lower transfection in vitro as well as in vivo (Figure 8A). Conclu-
sively, the overall functionality was the highest from ionizable 
lipid (C12-200) and cationic lipid (DDAB rather than DOTAP 
in this case) in LNP and lipoplex, respectively, confirming that 
the optimization strategy of entrapping nucleic acid should be 
distinguished between LNP and lipoplex platform.

For further study, the same group has formulated lipo-
plexes by varying complexing lipids from cationic to zwitteri-
onic or ionizable lipids (complexing/neutral lipid = 1/1 mol%) 
to intradermally deliver mRNA in human skin explants and 
evaluated the effects of complexing lipids on cellular uptake 
and expression.[185] Intriguingly, the combinations with zwit-
terionic (cephalin) and ionizable lipids (C12-200 and MC3) 
could also successfully entrap nucleic acid (complexation effi-
ciency  >  80%) with varied extent of negative zeta potentials 
(Figure 8C). Surprisingly, the differences in the surface charge 
after forming lipoplex were strongly correlated with the pat-
tern of nucleic acid uptake and expression among cell types 
(Figure  8D), not the inherent lipid types classified (i.e., cati-
onic/zwitterionic/ionizable lipids). For instance, cellular uptake 
depending on the cell types shared similarities among moder-
ately charged cephalin and DDAB lipoplexes, whereas highly 
charged DOTAP and MC3 lipoplexes were expressed in dif-
ferent distributions of cells within skin explants.

Another example includes recent efforts on developing selec-
tive organ targeting (SORT) lipid nanoparticles designed to 
deliver nucleic acid to specific organs such as lungs, spleens, 
and livers by tuning the membrane charge of the composi-
tion.[38,171] Based on conventional LNP composition (ionizable 
lipid/DOPE/cholesterol/PEG-lipid = 5/5/10/1 mol%), ioniz-
able (cationic) lipids, anionic lipids, and permanently charged 
cationic lipids were supplemented, and the result clearly indi-
cated that the respective inclusion of particles delivered mRNA 
to the liver, spleen, and lungs after IV injection (Figure 8E).[38] 
This distinctive tissue-targeting property was derived from the 
recognition, affinity, and adsorption of specific serum proteins 
toward particle’s surface charge/composition.[38] These findings 
strongly support the nanoarchitectonic design strategy of lipid 
self-assemblies that can be adopted to engineer optimized lipid-
based nucleic acid delivery vehicles.

4. Lipid Bicelles

While lipid bicelles were originally invented as suitable mem-
brane-mimetic environments to reconstitute membrane pro-
teins for structural biology studies,[186] they have also emerged 
as promising tools for biotechnology applications such as drug 
delivery,[187] antibacterial medicine,[188] and lipid bilayer coat-
ings.[189] To date, LNPs and lipoplexes are the most advanced 
types of lipid-based nanoparticles for nucleic acid delivery appli-
cations, but there is growing attention to lipid bicelles. Com-
pared to the typical spherical geometry of LNPs and lipoplexes, 
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bicelles have a wider range of possible geometries, including 
a disk-like shape in some cases that can be advantageous for 
tissue penetration and cellular uptake. As such, lipid bicelles 
represent a promising frontier for lipid-based nanoparticles for 
nucleic acid delivery applications and are covered in this part.

4.1. Nanoarchitecture Design Principles

Bicelle morphology depends on a wide range of factors and 
controlling pertinent parameters such as lipid concentration, 
molar ratios, and temperature can enable rational control over 
nanoarchitecture features. In this section, we begin by intro-
ducing the self-assembly principles of bicelles and relevant con-
siderations related to morphology and lipid geometry, before 
expanding our coverage to more advanced functionalization 
concepts that enhance bicelle stability.

4.1.1. Self-Assembly Principles

It is widely appreciated that long-chain phospholipids self-
assemble to form liposomes in aqueous solution whereas 
detergents self-assemble into micelles.[190] Interestingly, new 
morphological phases emerge when long-chain phospholipids 
and detergents are mixed together and this original discovery 
gave rise to the “bicelle” concept.[191] Practical utilization of 
bicelles was further advanced by recognizing that short-
chain phospholipids can behave as detergent-like molecules 
and hence it is possible to form bicelles using phospholipids 
only.[192] The molar ratio of long-chain phospholipids to short-
chain phospholipids is defined as the q-ratio and strongly influ-
ences bicellar phase properties.[193] Depending on the lipid 

composition and q-ratio, bicelles can form a wide range of mor-
phologies, including multilamellar vesicles, toroidal pore com-
plexes, extended lamellae, chiral nematic ribbons, disk-shaped 
nanostructures, and spherical micelles[194] (Figure 9A).

While the phase properties of bicelles are complex and 
depend on various parameters such as lipid concentration, 
ionic strength, and temperature, it is possible to control them, 
and we turn our attention to the case of disk-like bicelles that 
form in certain conditions. The self-assembly of bicelle disks 
can be rationalized by considering the geometrical properties 
of the different lipid components, as depicted in Figure 9B,C. 
In general, lipid molecules have a hydrophilic headgroup and 
one or more hydrophobic alkyl chains. For short-chain phos-
pholipids, the headgroup is relatively large compared to the two 
short chains and hence the geometry is cone-like. A similar con-
ical geometry is also found for typical detergent molecules. As 
such, short-chain phospholipid and detergent molecules tend 
to pack in high-curvature regions. On the other hand, long-
chain phospholipids usually have a more cylindrical appear-
ance because the headgroup and two long chains are more 
similar shape wise. It is therefore more energetically favorable 
for long-chain phospholipids to reside in planar regions. For 
these reasons, upon mixing of lipid molecules in bicelle com-
positions, the overall self-assembly process is driven by hydro-
phobic interactions and the different types of lipids are prefer-
entially organized into distinct bicelle regions. Indeed, due to 
the curvature-related energetic preferences, short-chain phos-
pholipids and detergents have low miscibility with long-chain 
phospholipids[195] and the cone-like and cylinder-like molecules 
tend to self-assemble into the disk edges and central planar 
region, respectively.[196] An interesting case concerns the use 
of headgroup-functionalized, long-chain phospholipids such as 
PEGylated lipids. Due to the increased size of the headgroup 

Figure 9.  Lipid bicelle concept and molecular building blocks. A) Schematic illustrations of different bicelle morphologies that can form depending on 
molecular components and experimental conditions as follows: (i) multilamellar vesicles; (ii) toroidal pore complexes; (iii) extended lamellae; (iv) chiral 
nematic ribbons; (v) disk-shaped nanostructures; and (vi) spherical micelles. B) Cross-sectional view of a bicelle disk that is composed of long-chain 
and short-chain phospholipids. C) Molecular geometry of different molecular building blocks, including (i) detergents and short-chain phospholipids 
with cone-like geometries, (ii) long-chain phospholipids with cylinder-like geometries, and (iii) PEGylated phospholipids with cone-like geometries.

Adv. Funct. Mater. 2022, 2203669



www.afm-journal.dewww.advancedsciencenews.com

2203669  (26 of 38) © 2022 Wiley-VCH GmbH

in such cases, PEGylated lipids can assume a more cone-like 
appearance than typical long-chain phospholipids and may 
locate in the edge and/or planar regions of a bicelle disk.[197]

There are also a few practical points to highlight: 1) the 
q-ratio must be within a certain range to form bicelle disks 
while other morphologies can form in different q-ratio 
ranges;[198] 2) the planar region of bicelle disks can present a 
membrane-mimicking environment, especially in cases where 
biologically relevant phospholipids are used. In certain cases, 
phospholipids and cholesterol can both be incorporated in 
the planar region and can form phase-separated domains in 
some cases;[199] 3) bicelle preparation should take place at a suf-
ficiently high temperature so that all lipid components, espe-
cially the long-chain phospholipids, in the mixture are in the 
fluid phase.[194] The fabricated sample can then be cooled down 
afterward; and 4) the specific morphology of bicelles is highly 
sensitive to the specific phospholipids used in a mixture and 
the corresponding phase diagram must be carefully considered 
in each particular case. For example, including saturated or 
unsaturated lipids in bicelle compositions can cause wide vari-
ance in the phase diagram and possible morphologies[200] (for 
some compositions, the disk morphology is not possible), and 
similar attention must be placed on charged lipids which are 
sometimes added to enhance bicelle stability but can also affect 
possible morphologies.[201]

4.1.2. Advanced Functionalization Strategies

There have been various functionalization strategies introduced 
into bicelle nanoarchitecture designs in order to improve perfor-
mance and enable new application opportunities. One direction 
has focused on improving bicelle stability to prevent coalescence 
and to inhibit the structural transformation of bicellar disks into 
vesicles over time, especially at higher temperatures. Charged 
lipids such as negatively charged phosphatidylglycerols (PG) 
have often been incorporated into bicelles and prevent bicelle 
coalescence due to charge repulsion.[202] Inspired by other 
classes of lipid-based nanomedicines, researchers have also 
added PEGylated lipids such as distearoyl phosphoethanolamine-
[methoxy (polyethyleneglycol)-2000] (DSPE-PEG2000) to further 
improve bicelle stability and reduce uptake by the reticuloen-
dothelial system, potentially enabling increased circulation time 
in vivo. For example, it is possible to form disk-like bicelles in 
the presence of 5 mol% PEG2000-DSPE, which can enhance 
bicelle stability due to steric hindrance of the PEG chains.[203] 
While PEGylated lipids have a mainly cone-like geometry, more 
detailed structural studies have shown that a neutral PEGylated 
lipid (C16-PEG2000-ceramide) can distribute across both the 
planar region and rims of bicellar disk. Of note, there is indeed 
an approximately, two-fold greater density of PEGylated lipids in 
the rims,[197] however, it should also be noted that the broader 
distribution of the PEGylated lipid is advantageous for poten-
tial in vivo applications. In molecular dynamics simulations, it 
has also been shown that bicelles containing ligand-modified 
PEGylated lipids are more easily internalized by cells than simi-
larly functionalized liposomes due to more favorable membrane 
energetics[204] (see also other examples of bicelles with improved 
cellular uptake properties over liposomes[205]).

Other efforts have explored how to create inorganic–organic 
hybrid bicelles based on mixing short-chain phospholipids 
and long-chain organoalkoxysilane lipids (termed cerasome-
forming lipids, CFL).[206] After lipid hydration, the bicelles were 
incubated overnight at room temperature, during which time 
a sol-gel reaction occurs between the alkoxysilyl headgroups 
of the long-chain lipid molecules and results in a crosslinked 
siloxane network (a silica-like coating). The hybrid bicelles had 
typical diameters and heights of around 40 and 4 nm, respec-
tively, and retained their structural morphology in the air envi-
ronment upon drying. Whereas conventional bicelles trans-
formed into vesicles at high temperature, the hybrid bicelles 
also maintained their disk-like nanostructures at high tem-
perature.[207] Based on these advantageous properties, there 
have been efforts to develop partially silica-coated bicelles by 
mixing short-chain phospholipids with CFL and PEGylated 
lipids (DSPE-PEG2000). With increasing DSPE-PEG2000 lipid 
fraction, there was improved release of a small-molecule drug 
and the PEGylated bicelles also had improved biocompatibility 
and cellular uptake properties in vitro.[208] As such, there is 
increasing control over the functional properties of bicelles and 
these efforts have coincided with attempts to utilize bicelles for 
nucleic acid delivery.

4.2. Nucleic Acid Complexation

Currently, there are two main strategies to encapsulate nucleic 
acids within bicelles. The first strategy involves fabricating 
bicelles in the presence of nucleic acids while the second 
strategy focuses on bicelle fabrication initially, followed by 
mixing bicelles and nucleic acids in a lipoplex-type format. The 
merits and latest progress of both strategies, including struc-
tural and functional insights, are critically discussed below.

4.2.1. Coassembly of Lipids and Nucleic Acids

In the earliest example, the stacking of disk-like, cationic bicelles 
and negatively charged DNA was explored in order to form a new 
lipid nanoarchitecture for potential nucleic acid delivery applica-
tions.[209] The bicelles were composed of long-chain and short-
chain lipids in a 3:1 molar ratio; the short-chain phospholipid 
was 1,2-diheptanoyl-sn-glycero-3-phosphocholine (diC7PC) while 
the long-chain phospholipid consisted of a mixture of 1,2-dihexa-
decanoyl-sn-glycero-3-phosphocholine (DPPC) lipid and a cationic 
lipid termed 3β-[N-(N′,N′-dimethylaminoethane)-carbamoyl]  
cholesterol hydrochloride (DC-Chol). The DNA strands had  
700 or 2000 base pairs and the lipid-to-DNA molar ratio was 
from 0 to 3738 (0–40 mol% DC-Chol in the long-chain lipid 
population). An interesting point in the study was the simplicity 
of the fabrication approach. The dry lipid film was directly 
hydrated in an aqueous solution containing DNA molecules, fol-
lowed by bath sonication at 30  °C. As such, the bicelles were 
directly formed in the presence of DNA, which is distinct from 
the lipoplex approach in which case liposomes are first formed 
before mixing with nucleic acids. It was determined that the 
DNA strands intercalate between the bicellar disk layers, and the 
number of layers increased at greater cationic lipid fractions in 
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the bicelles (Figure 10A). Accordingly, the size of the lipid-DNA 
nanostructures could be varied between ≈50–300  nm and the 
ability to fabricate sub-100  nm nanostructures was highlighted 
as a potential merit compared to lipoplexes, which typically have 
>100  nm diameter. It was further noted that the DNA–bicelle 
interactions were stable in acidic pH conditions and the fabri-
cation approach was also applicable to other commonly used 
cationic lipids and surfactants such as 1,2-dioleoyl-3-trimethyl-
ammonium-propane (DOTAP) and hexadecyl-trimethyl-ammo-
nium bromide (CTAB).

The bicelle–DNA stacking concept was further extended 
to anionic lipid bicelles by using the same basic design prin-
ciples and fabrication approach as in the previous example 
and replacing the cationic lipid with an anionic lipid termed 
1,2-dipalmitoyl-sn-glycero-3-phospho-(1’-rac-glycerol) (sodium 
salt) (DPPG) (15 mol% in the long-chain lipid population).[210] 
While cationic lipids can readily form complexes with nucleic 
acids and are effective transfection agents, they are cytotoxic, 
which prompted the exploration of anionic lipids as an alter-
native option. In order to promote bicelle–DNA interactions, 
divalent Ca2+ ions were incorporated into the system and a min-
imum Ca2+ concentration was needed to form stacked bicelle–
DNA complexes (Figure  10B). Complex formation did not 
occur at 1  × 10−3 m Ca2+ concentration, whereas bicelle–DNA 
complexes did form at ≥10  × 10−3 m Ca2+ concentration and 
the interlayer spacing within the complexes did not depend on 
the Ca2+ concentration. At ≥60 × 10−3 m Ca2+ concentration, an 
additional lamellar phase of ion-lipid complexes also formed in 
cases of low DNA concentration, indicating that all three com-
ponents—lipids, DNA, and ions—play an important role in 
driving the self-assembly process with controlled stoichiometry. 
The resulting bicelle–DNA complexes had typical dimensions 
around 50–100 nm diameter and 50–150 nm length.

In addition to DNA, there has also been exploration of uti-
lizing bicelles to encapsulate peptide nucleic acids (PNAs) 
that target microRNA for potential gene editing and thera-
peutic purposes.[211] The bicelles had a lipid composition of 
around 70  mol% DPPC, 25 mol% DHPC, 3 mol% charged 
lipid (anionic DPPG or cationic DOTAP), and 2 mol% DSPE-
PEG2000, and were prepared using a combination of vortexing, 
temperature cycling (between 25°C and 70°C), and subsequent 

room-temperature dilution—all steps were conducted in the 
presence of PNAs at a PNA:lipid molar ratio between 1:200 
and 1:2500. The control bicelles without PNAs had an ≈18 nm 
diameter radius, while PNA-loaded anionic bicelles had an 
≈30  min diameter and disk-like appearance. In marked con-
trast, PNA-loaded cationic bicelles underwent extensive aggre-
gation due to electrostatic attraction, resulting in large vesicles. 
By optimizing the PNA:lipid molar ratio, encapsulation effi-
ciencies as high as 92% could be achieved with anionic bicelles, 
which also demonstrated superior cellular uptake properties in 
vitro compared to cationic bicelles and a polymeric nanoparticle 
control. The PNA-loaded anionic bicelles also had negligible 
cell cytotoxicity in vitro. Mechanistic studies further revealed 
that the PNA-loaded anionic bicelles were internalized by HeLa 
cells by an endocytic mechanism and the delivered PNAs were 
functionally active to inhibit a target microRNA.

4.2.2. Mixing Prefabricated Bicelles with Nucleic Acids

Anecdotally, there have also been reports of bicelle–nucleic acid 
complexes that were developed using other fabrication proto-
cols and were evaluated in terms of structural properties and 
in vitro transfection efficiency. For example, lipid mixtures 
consisting of gel-phase DPPC helper lipid and one of two cati-
onic lipids (malonic acid diamides) were prepared using thin-
film hydration followed by shaker incubation at 45 °C and bath 
sonication, and were noted to form heterogenous, disk-like 
bicelle aggregates with ≈30 nm height and ≈100 nm diameter 
(1:2 molar ratio of cationic lipid to helper lipid).[212] The cationic 
lipid bicelles were then mixed with negatively charged plasmid 
DNA (pDNA: ≈1.5 to 4 N/P ratios) using a lipoplex-type protocol 
at room temperature before attempting to transfect human 
lung carcinoma (A549) cells. It was noted that the bicelle–pDNA 
complexes had low transfection efficiency, which was attributed 
to poor mixing and phase separation, whereas liposome–pDNA 
complexes formed using other helper lipids such as fluid-phase 
DOPC had effective lipoplex-type transfection. A follow-up 
study characterized the interactions between DPPC/cationic 
lipid mixtures (1:1 molar ratio) and mainly double-stranded 
DNA (≈4 N/P ratio), and noted that the bicelle–DNA complexes 

Figure 10.  Nucleic acid interactions with lipid bicelles. A) Schematic illustration of a cationic bicelle–DNA complex. The interaction between cationic 
lipid bicelles and DNA molecules induced self-assembly of a multilamellar complex consisting of alternating layers of bicelles and DNA molecules. The 
complex formation was mediated by attractive electrostatic interactions between cationic lipids and negatively charged DNA. B) Schematic illustration 
of an anionic bicelle–DNA complex. The interaction between anionic lipid bicelles and DNA molecules is mediated by divalent Ca2+ ions and induces 
self-assembly of a multilamellar complex that consists of alternating layers of bicelles and DNA molecules.
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retained disk-like nanostructures with a condensed lamellar 
phase.[213] In addition, using a similar preparation protocol, 
lipid mixtures consisting of DMPC helper lipid and a three-
chain cationic lipid (DiTT4; another malonic acid diamide) 
were reported to form disk-like bicelles when the DiTT4 molar 
fraction was around 50–80 mol% and had ≈50–100 nm diame-
ters.[214] In that case, a lipoplex-type protocol was again followed 
to mix the DiTT4/DMPC bicelles with pDNA (≈1.5 to 4 N/P 
ratio) and the resulting bicelle–pDNA complexes demonstrated 
efficient transfection of A549 cells, including in the presence 
of 10% serum. There is also evidence that the DiTT4 lipid by 
itself can self-assemble into disk-like nanostructures that can be 
useful for transfection.[215]

In another study, bicelles composed of CFL, DOTAP, and 
DHPC along with ligand-modified DSPE-PEG2000 or DHPE-
PEG2000 were prepared for gene delivery applications.[216] The 
base bicelle composition was CFL, DOTAP, and DHPC in an 
approximately 6:1:2 molar ratio and, in some cases, ligand-
modified DSPE-PEG2000 or DHPE-PEG2000 was included too. 
The conceptual idea was that ligand-modified DSPE-PEG2000 
would present the ligand (i.e., cRGD peptide that binds to inte-
grin receptors) on the main plane of the bicellar disk, whereas 
the ligand-modified DHPE-PEG2000 would present cRGD pep-
tide on the bicellar edge instead. In general, the bicelles were 
initially prepared by hydrating a dry lipid film at 55 °C, followed 
by ultrasonication for 10 min and then overnight incubation at 
room temperature to induce sol–gel formation on the bicellar 
surface due to the presence of the CFL lipid. Afterward, using 
a lipoplex-type protocol, the bicelles were incubated for 20 min 
at 4°C with small interfering RNA (siRNA) at a bicelle:siRNA 
molar ratio of ≈64:1. The resulting bicelles had typical height 
and diameter values of ≈6 and ≈50  nm, respectively, while it 
was noted that the siRNA-loaded bicelles tended to be slightly 
larger. Notably, when bicelles with edge-located cRGD had 
superior siRNA loading capacity compared to bicelles with 
plane-located cRGD, in which case it was suggested that the 
ligand location diminishes bicelle–siRNA interactions. More-
over, the siRNA-loaded bicelles with edge-located cRGD showed 
greater performance to inhibit a cellular signaling pathway in 
vivo along with improved antitumor activities. The performance 
differences were attributed to the tailored, orthogonal function-
alities afforded by the bicelle nanoarchitecture, whereby the  
targeting ligands were located on the bicelle edges while the 
cationic lipids (DOTAP) were located in the plane region to 
facilitate bicelle–siRNA interactions.

Together, these findings highlight how multiple strategies 
are being implemented to encapsulate and deliver nucleic acids 
using bicelles while the field evolves from fundamental struc-
tural studies to early application contexts where feasibility and 
utility are being demonstrated. Concurrently, efforts are being 
made to explore new ways of producing bicelles that can sup-
port the translation of these innovations from laboratory con-
cepts to real-life applications.

4.3. Bicelle Manufacturing Considerations

While lipid bicelles are typically made by the thin-film hydra-
tion method as described above, the method has practical 

limitations to advance beyond the laboratory scale. Here, we 
begin by briefly introducing the method in more detail before 
critically discussing the latest progress in developing more 
advanced bicelle production strategies.

For the thin-film hydration method, lipids in organic sol-
vent are first mixed together and the solvent is evaporated in 
order to form a dry lipid film.[217] The film is then hydrated and 
the aqueous lipid suspension is subjected to multiple rounds 
of freeze-thaw-vortex cycling. The freezing step often involves 
immersing the sample in liquid nitrogen (0°C or below) and 
the heating step is usually done in a water bath with ≈40–60 °C 
temperature. Other variations with different temperature cycles 
are also possible to some extent. However, in all cases, the 
method is limited to batch production and the harsh processing 
conditions can potentially denature biological components such 
as proteins and nucleic acids. As such, to enhance translational 
prospects, there have been ongoing efforts to develop more suit-
able bicelle fabrication methods that are efficient and scalable.

4.3.1. Semispontaneous Method

One pioneering example is adoption of the semispontaneous 
method to easily prepare bicelles from affordable lipids and sur-
factants.[218] The method was first demonstrated using soybean 
lecithin and poly(oxyethylene) sorbitan monooleate (Tween 80), 
which were initially dissolved in a water-soluble organic sol-
vent, 1,3-butanediol in this case (and dipropyleneglycol in some 
other cases), followed by water dilution; the temperature during 
the processing steps was fixed at 70 °C (other studies have used 
up to ≈100 °C). The lipid/surfactant mixture was then subjected 
to tip ultrasonication as the final processing step. Dynamic 
light scattering (DLS) and transmission electron microscopy 
(TEM) characterization of the aqueous suspension identified 
the formation of disk-like bicelles at a 2:1 molar ratio of lecithin 
to Tween 80. The typical diameter and thickness values of the 
bicelles were around 20 and 5 nm, respectively, and remained 
physically stable for at least 180 d. One recent mechanistic 
study discussed how two-tail lecithin molecules constitute the 
disk body while one-tail Tween 80 molecules form the disk 
rim.[219] The semi-spontaneous method has also been utilized to 
fabricate disk-like bicelles from other compositions, including 
using a polyglycerol-type nonionic surfactant with two asym-
metrical tails[220] and mixtures of lecithin and poly(oxyethylene) 
cholesteryl ethers by themselves[221] or in combination with up 
to 33 mol% cholesterol in the liquid-ordered phase.[222]

4.3.2. Microfluidic Production

In addition to the semispontaneous method that focuses on 
batch processing, there have been recent efforts to develop a 
continuous bicelle production method by utilizing microflu-
idic-based hydrodynamic flow focusing, which additionally 
does not require heating or cooling.[223] A schematic out-
line of the microfluidic chip is presented in Figure  11A and 
involves mixing tangential streams of long-chain phospho-
lipids dispersed in an organic solvent such as methanol or 
ethanol with short-chain phospholipids dispersed in aqueous 
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buffer (pH 7.4). When the two streams merged, the long-chain 
and short-chain phospholipids mixed and self-assembled to 
form bicelles in a continuous manner while it was important 
to evaporate residual solvent in a low vacuum environment 
after sample collection from the microfluidic channel. Using 
1,2-dimyristoyl-sn-glycero-3-phosphocholine (DMPC) and 
1,2-dihexanoyl-sn-glycero-3-phosphocholine (DHPC) as model 
long-chain and short-chain phospholipids, respectively, it was 
found that the molar ratio (q-ratio) of DMPC to DHPC was an 
important determinant of the resulting lipid nanoparticle prop-
erties. When the DHPC concentration was fixed at 20  × 10−3 
m, it was identified that heterogenous vesicles formed at low 
DMPC concentrations (<5 × 10−3 m; equivalent to q-ratio of less 
than 0.25) (Figure  11B). Conversely, bicelles formed at higher 
DMPC concentrations (≥5  × 10−3 m; equivalent to q-ratio of 
equal to or greater than 0.25). The morphological structures 
in the different cases were confirmed by TEM imaging and it 
was further verified that the disk-like bicelle structures exhib-
ited interfacial membrane properties that are characteristic of 
ordered bicelles (as opposed to those of mixed micelles[224]) 
(Figure  11C,D). Systematic experiments identified that hetero-
geneous vesicles, homogenous vesicles, or bicelles could be 
formed depending on the total lipid concentration and q-ratio, 
and that a sufficiently high total lipid concentration was needed 
to form bicelles (Figure 11E). The diffusional specifics of the sol-
vent mixing process also influenced the self-assembly outcome 
while controlling the flow conditions along with the q-ratio ena-
bled fine-tuning of the bicelle size (Figure 11F).

A follow-up study explored the general utility of the micro-
fluidic chip based on hydrodynamic focusing to produce 
bicelles composed of DHPC short-chain phospholipid with 
other long-chain phospholipids that have different gel-to-fluid 
phase transition temperatures (Tm).[225] Interestingly, the effect 
of long-chain phospholipid concentration on lipid nanoparticle 
morphology varied depending on the specific type of long-
chain phospholipid that was used in the microfluidic produc-
tion process. While heterogeneous vesicles and bicelles were 
formed at low and high DMPC concentrations, respectively, 
replacing DMPC (Tm  ≈ 23  °C) with 1-palmitoyl-2-oleoyl-sn-
glycero-3-phosphocholine (POPC; Tm  ≈ -2  °C) lipid led to a 
nearly opposite trend. In that case, bicelles were formed at low 
POPC concentrations, which was attributed to strong hydro-
phobic interactions between POPC molecules, whereas large 
vesicles were formed at high POPC concentrations. Additional 
experiments with 1,2-dipalmitoyl-sn-glycero-3-phosphocholine 
(DPPC; Tm ≈ 41 °C) lipid further revealed how lipid phase prop-
erties can affect self-assembly outcomes. When the microflu-
idic production process was carried out with DPPC at 20  °C, 
large vesicles were formed at all tested DPPC concentrations 
due to strong interactions between DPPC molecules, which is 
consistent with the gel-phase properties of DPPC at that tem-
perature. In marked contrast, when the microfluidic production 
process was carried out with DPPC at 45 °C, DPPC was in the 
fluid-phase state during production and bicelles were formed 
at all tested DPPC concentrations. Of note, it was mentioned 
that the resulting DPPC/DHPC bicelles had high membrane 

Figure 11.  Microfluidic production of lipid bicelles. A) Schematic illustration of microfluidic setup whereby long-chain and short-chain phospholipids 
are dispersed in organic solvent and aqueous buffer, respectively, and mix to form lipid bicelles according to the hydrodynamic focusing concept. In 
this example, DMPC and DHPC are model long-chain and short-chain phospholipids, respectively. B) Effect of long-chain phospholipid (DMPC) con-
centration on the size of lipid nanoparticles. At low DMPC concentration, the size distribution indicates formation of heterogeneous vesicles (indicated 
by label ii), whereas bicelle formation (indicated by label i) occurred at higher DMPC concentrations. C) Transmission electron microscopy (TEM) 
image of microfluidic-fabricated vesicles and inset corresponds to a cryo-TEM image of the vesicles. D) TEM image of microfluidic-fabricated bicelles. 
E) Morphology of microfluidic-fabricated lipid nanoparticles depending on long-chain phospholipid (DMPC) and short-chain phospholipid (DHPC) 
concentrations. i–iii) Bicelles, heterogeneous vesicles, and homogenous vesicles, respectively. F) Size of microfluidic-fabricated bicelles depending 
on the effective q-ratio of long-chain phospholipid to short-chain phospholipid concentrations. All panels are adapted with permission.[223] Copyright 
2021, American Chemical Society.
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ordering after cooling down to ambient conditions, which is 
indicative of the gel-phase properties of DPPC in that tempera-
ture range. Together, these findings establish that microfluidic 
systems are capable of producing bicelles with diverse lipid 
compositions, and it is possible to rationally control bicelle size 
and lipid composition.

From a broader perspective, continued progress on the man-
ufacturing side highlights how it is possible to produce bicelles 
using low-cost lipid and lipid-like materials and to shift from 
batch to continuous production methods. However, there is an 
outstanding need to expand efforts in this direction. Until now, 
such efforts have focused solely on producing lipid bicelles 
by considering short-chain and long-chain phospholipids and 
related surfactants, and it would be beneficial to also focus on 
how to fabricate bicelles containing nucleic acids based on the 
strategies described above along with adding other important 
components such as PEGylated lipids.

4.4. Current Applications and Future Possibilities

Until now, there have been only a few cases that utilize nucleic-
acid-loaded bicelles for applications. However, bicelles have 
emerged as a promising type of lipid nanoparticle for various 
biomedical applications due to their much smaller size than 
LNPs, liposomes, and lipoplexes so that they can effectively 
penetrate intercellular spaces (6-10 nm) and due to their unique 
morphological diversity depending on the lipid composition 
and molar ratio of components. Among numerous potential 
applications, bicelles are already known to reinforce the skin’s 
biophysical properties and complement drug penetration. We 
critically review the latest progress in those fields, whereby par-
ticular focus is placed on advantageous features that could be 
useful for nucleic acid delivery applications in future work.

4.4.1. Skin Repair and Delivery

Disk-like bicelles initially received attention for topical skin 
applications because they are smaller than liposomes (which 
cannot penetrate intracellular spaces of the stratum corneum 
(SC),[226] which is the outermost layer of skin) and contain less 
irritating molecular components than micelles. Early studies 
verified that disk-like bicelles are useful for their permeability 
enhancing effects on skin while not causing irritation,[227] and 
can also penetrate the SC[228] and influence the lipid composi-
tion/phase there.[229] Follow-up studies revealed that adding 
specific molecular components such as cholesterol sulfate could 
improve the distribution and penetration of bicelles throughout 
the SC,[230] and such findings heightened interest in utilizing 
bicelles as lipid nanoparticles to improve skin properties and to 
deliver other medically useful molecules.[231] Indeed, continued 
research delineated how tuning bicelle morphology could 
expand the range of skin-related biological functionalities,[232] 
leading to the use of bicelles as dermal carriers and enhancers 
for treating impaired skin.

In terms of applying bicelles as carriers, it was reported 
that bicelle-encapsulated diclofenac diethylamine (DDEA) had 
lower skin penetration than aqueous DDEA suspensions.[233] 

However, when skin was pretreated with empty bicelles prior 
to adding aqueous DDEA, the degree of skin penetration 
was enhanced. Similar retarding effects were observed when 
flufenamic acid was encapsulated in bicelles, which was sug-
gested to be a potentially advantageous feature for safely deliv-
ering drugs that have otherwise rapid percutaneous absorp-
tion[234] (see also related structural studies[235]). Further investi-
gation supported that bicelle-encapsulated DDEA can be deliv-
ered to damaged skin and help to repair SC barrier function 
while minimizing systemic side effects.[236]

While relevant application studies have been limited to small 
molecule drugs so far, there continues to be high interest in uti-
lizing bicelles for dermal applications.[237] Several efforts have 
been made to evaluate the biophysical properties of healthy 
as well as irritated human skin in vivo before and after bicelle 
treatment.[227,238] While conventional bicelles composed of 
DMPC/DHPC increased transepidermal water loss, skin elas-
ticity, and skin dehydration without affecting the phase behavior 
of SC lipidic microstructures in human subjects,[227] incorpora-
tion of long-chain lipids with longer alkyl chain lengths might 
tune the extent of skin reinforcement rather than penetrating 
into the SC lipid structures.[229b] Another study utilizing encap-
sulated bicelles in liposomes (bicosomes) to mimic epidermal 
lamellar bodies showed that treatment with bicosomes rein-
forced the skin barrier function in both healthy and irritated 
human skin, probably by reestablishing the lamellar lipid struc-
ture of the SC.[238]

Looking forward, there is an outstanding need to investi-
gate how bicelle carriers might be useful carriers for delivering 
nucleic acids to the skin, especially in intradermal applications. 
Recent discussions have suggested that intradermal adminis-
tration of RNA-based vaccines may reduce dose requirements 
and be possible with needle-free approaches.[239] In these 
respects, bicelles stand out among possible lipid nanoparticle 
carrier options because they have well-validated properties for 
skin delivery applications.

4.4.2. Cancer Therapy

There has also been extensive interest in utilizing disk-like 
bicelles to deliver small-molecule and peptide drugs for anti-
cancer therapy. For example, PEGylated lipid bicelles have been 
used to encapsulate the anticancer drug doxorubicin (DOX), 
with up to 96% encapsulation efficiency and >10-times longer 
circulation time in mice.[240] Compared to free DOX, the bicelle-
encapsulated DOX was more effective at accumulating in 
tumors and the bicelles could be internalized by breast cancer 
cells. Anionic lipid bicelles have also been developed to coen-
capsulate two anticancer drugs, paclitaxel (PTX) and parthe-
nolide (PTL), for in vivo therapeutic treatment.[241] To improve 
tumor targeting, bicelles have been further functionalized with 
RGD peptides and this strategy was able to increase tumor pen-
etration of bicelle-encapsulated melittin peptide compared to 
non-functionalized bicelles, which in turn improved antitumor 
activity in vivo.[242] Motivated by these early results, the field has 
continued to progress toward clinical applications, especially 
in terms of utilizing PEGylated lipids to enhance functional 
performance. In one case, the addition of a PEGylated lipid to 
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a disk-like bicelle composition triggered the formation of small, 
spherical micelles that, when loaded with the anticancer drug 
docetaxel (DTX), not only had superior stability and cell and 
tumor uptake properties compared to PEGylated liposomes, 
but also demonstrated improved antitumor activity in vivo.[243] 
There have also been other reports that show PEGylated lipids 
can help to sterically stabilize bicelles in order to enhance 
uptake and anticancer drug delivery to human cancer cells.[244]

Expanding on these concepts, there have also been efforts to 
utilize more durable, organic–inorganic hybrid bicelles for anti-
cancer applications.[187] In one interesting example, DOX was 
loaded together with indocyanine green (ICG)—a fluorescent 
dye used for photothermal therapy—for temperature-regulated 
DOX release and photothermal-triggered cancer cell cytotox-
icity, which could be achieved in the presence of near-infrared 
fluorescence light.[245] The bicelles exhibited high levels of 
tumor targeting and exhibited anticancer activity in vivo, which 
was superior to either the chemotherapy or photothermal 
therapy alone. Together with advances in developing partially 
silica-coated hybrid bicelles as described above,[208] such pos-
sibilities open the door to advanced cancer theragnostics and 
it has been suggested the hybrid bicelles could also be useful 
for gene delivery applications as well.[246] Indeed, one study uti-
lizing hybrid bicelles for siRNA delivery has been reported for 
anticancer treatment in vivo[216] while highlighting the future 
opportunities that lie ahead to use various types of bicelles, 
including inorganic-organic hybrid bicelles, for nucleic acid 
delivery applications.

5. Conclusion and Outlook

The development of lipid-based nucleic acid delivery vehi-
cles has increasingly gained traction over the past decade 
and shifted from innovative laboratory concepts to practically 
effective and scalable clinical technologies, most recently cul-
minating in the large-scale manufacturing and worldwide 
distribution of mRNA–LNP vaccines to prevent COVID-19 
infection. These advances have been largely enabled by ration-
ally designing the LNP structure to achieve maximum perfor-
mance based on the nanoarchitectonics concept along with 
utilizing microfluidic production technologies, which not only 
paved the way for production scale-up, but more importantly 
allowed precise control over production parameters to tune the 
nanoarchitecture features of manufactured LNPs in a precise 
and reproducible manner.

Along this line, there exist numerous opportunities to explore 
numerous combinations of lipid excipients and nucleic acid 
payloads, and the role of nanoarchitectonics-based research will 
become increasingly crucial to spur future innovation. We iden-
tify several key areas in which nanoarchitectonics is expected to 
play a central role. First, there is an opportunity to explore dif-
ferent routes of administration, especially by taking advantage 
of different lipid nanoarchitectures such as bicelles that can be 
potentially useful for intradermal applications. Secondly, there 
is an urgent demand to overcome challenges related to the in 
vivo behavior of LNPs, for example, due to issues related to the 
immune response. Specifically, recent efforts have been made 
to identify appropriate alternatives to PEG lipids. In doing so, 

it is important to apply the concept of nanoarchitectonics to 
modulate interactions of the PEG lipid (or alternatives) with 
other lipid excipients and select appropriate candidates that will 
retain favorable interactions with the rest of the components.

Another area of interest is the expansion of microfluidic 
capabilities, especially to emerging classes of lipid-based nano-
particles such as bicelles for not only proof-of-concept dem-
onstration as done so far but also for practical application (as 
in the LNP case). To date, improvements to microfluidic plat-
forms have been achieved incrementally and are mostly aimed 
at obtaining better control over the physical properties of the 
resultant lipid-based vehicle (i.e., mainly size and size distri-
bution). Enhancing the capability of microfluidic platforms 
to precisely control the morphology and architecture of the 
lipid-based delivery vehicle needs guidance from nanoarchitec-
tonics and could help to improve nucleic acid encapsulation in 
tandem as well.

Finally, while clinically approved LNP-based drug and vac-
cines are composed of a single formulation (i.e., delivering a 
single type of nucleic acid payload) there is growing interest in 
multiple- or coformulations. For example, a recent study dem-
onstrated successful in vivo CRISPR/Cas9 gene editing for 
the transthyretin gene in mice and rats using LNPs that were 
coformulated to include single guide RNA (sgRNA) and Cas9 
mRNA.[247] Formulation optimization was performed for in vitro 
and in vivo gene editing with necessary modifications to incor-
porate sgRNA. The LNPs were formulated using microfluidics 
and they achieved >97% transthyretin protein knockdown for 
12 months. This study highlights the need for nucleic acid LNPs 
to be carefully engineered to match their therapeutic applica-
tions; specifically, how optimized, co-formulated LNPs can be 
applied for cell engineering and genome editing. More notably, 
it emphasizes the vast potential of LNPs as nucleic acid delivery 
systems, which allows coformulations to be optimized with high 
efficiencies, paving the way for novel nucleic acid-based thera-
peutics for a wide range of diseases in the near future.

As a closing remark, we may also add that the three types 
of lipid-based nanoparticles covered herein were selected due 
to their distinct nanoarchitectures and breadth of development 
stages, spanning conceptual innovations to full-fledged com-
mercial products. Across this spectrum, the nanoarchitectonics 
concept is a useful approach to analyze the progress and trends 
and to build a rational understanding of how to effectively 
design lipid-based nanoparticles for various biomedical appli-
cations. Until now, the impact of nanoarchitectonics on lipid-
based nanoparticles for nucleic acid delivery applications had 
been largely implicit, but we foresee that nanoarchitectonics 
will play an increasingly prominent and visible role to drive for-
ward future innovations both in terms of scientific discussion 
and research progress.
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